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Abstract  

Due to the increasing concerns regarding the use of crude oil for fuel and 

chemical production, considerable efforts have been made to find renewable 

and sustainable alternatives. Lignocellulosic biomass is the most abundant 

carbon containing natural resource on earth and mainly consists of its 

structural components cellulose, hemicellulose, and lignin. Compared to the 

carbohydrate constituents, lignin is structurally completely different. It is 

derived from aromatic monomers which makes it an attractive feedstock for 

the production of renewable chemicals. For over a century the pulp and paper 

industry has been fractionating lignocellulosic biomass to isolate cellulose and 

to use the remaining hemicellulose and lignin for heat and energy production. 

To develop new products from lignocellulosic biomass, additional fractionation 

technologies need to be explored. The polymer structure of lignin is inherently 

complex and will structurally not only vary between plant species, but 

technical isolation methods will further alter its structure. As such each 

fractionation technology will yield a different type of lignin with different 

properties compared to other lignin. Due to these reasons, it is crucial to 

understand the structural features of different lignin to determine the best 

application area. 

In this thesis three different lignin, one hardwood and two softwood lignin, 

from a pressurized hot water extraction followed by mild soda cooking biomass 

fractionation technology were thoroughly investigated. A precipitation and 

purification protocol were developed to yield lignin samples free of 

contamination. The different lignin fractions were analyzed and compared to 

native-like lignin samples. A wide variety of analytical methods were used and 

the combined information from the analysis could be used to determine key 

structural features and properties of the lignin. Also model compounds with 

specific structural features were synthesized and the spectroscopic data was 

used to assist in the structural elucidation of the analyzed lignin. As a proof of 

concept, the purified lignin was fractionated into even more homogeneous 

fractions by simple solvent fractionation. Chemical modifications were used to 

investigate how simple modifications affected the thermal properties of lignin 

and were also used for to assist the structural determination. 

During this thesis a 31P PULCON methodology was implemented to one of the 

most used lignin analysis methods, the quantitative determination of hydroxyl 

groups in lignin by 31P NMR spectroscopy, which showed to have benefits 

compared to the standard protocol.  
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Abstrakt 

På grund av oron kring användningen av råolja för produktion av bränsle och 

kemikalier har stora ansträngningar gjorts för att hitta förnybara och hållbara 

alternativ. Lignocellulosisk biomassa är den mest förekommande kolhaltiga 

naturresursen på jorden och består huvudsakligen av de strukturella 

komponenterna cellulosa, hemicellulosa och lignin. Jämfört med 

kolhydratkomponenterna är lignin strukturellt helt annorlunda. Lignin härrör 

från aromatiska monomerer och är därför en attraktiv råvara för förnybara 

kemiska produkter. I över ett sekel har massa- och pappersindustrin fraktionerat 

lignocellulosabiomassa för att isolera cellulosa och använda den resterande 

hemicellulosan och ligninet för värme- och energiproduktion. För att utveckla 

nya produkter från lignocellulosisk biomassa behöver ytterligare 

fraktioneringstekniker utvecklas. Ligninpolymeren är i sig komplex och kommer 

strukturellt inte bara att variera mellan växtarter, utan tekniska 

isoleringsmetoder förändrar ytterligare dess struktur. Detta leder till att varje 

fraktioneringsteknik kommer att ge en säregen typ av lignin med olika 

egenskaper jämfört med andra lignin. På grund av dessa orsaker är det väsentligt 

att förstå ligninets struktur för att avgöra det bästa tillämpningsområdet.  

I denna avhandling undersöktes tre olika lignin, ett från lövträd och två från 

barrträd. Ligninet hade sitt ursprung från en biomassafraktioneringsteknik som 

använder sig av vattenextraktion under förhöjt tryck följt av en mild alkalisk 

sodaprocess. Ett tillvägagångssätt för att utfälla och rena ligninet utvecklades för 

att ge analytiskt rena ligninprover. De olika ligninfraktionerna analyserades och 

jämfördes med ligninprov med oförändrad nativ struktur för att förstå hur 

processen påverkade ligninets struktur. En mängd olika analysmetoder 

användes och den kombinerade informationen från analyserna kunde användas 

för att bestämma viktiga strukturella särdrag och egenskaper hos ligninet. 

Modellföreningar med specifika strukturer framställdes och deras 

spektroskopiska data användes för att underlätta strukturbestämningen av 

ligninet. För att vidare validera konceptet fraktionerades det renade ligninet till 

ännu mer homogena fraktioner genom enkel lösningsmedelsfraktionering. 

Kemiska modifieringar användes för att undersöka hur enkla modifieringar 

påverkade ligninets termiska egenskaper och för att underlätta 

strukturbestämningen.  

I denna avhandling implementerades även 31P PULCON-metodik för att 

kvantitativt bestämma mängden av hydroxylgrupper i lignin. Metoden visade sig 

ha vissa fördelar jämfört med standardprotokollet.   
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1. Introduction 

1.1. Background 
Currently most chemicals, materials, and fuels are derived from fossil-based 

feedstocks.  The reliance on these feedstocks is of concern due to the negative 

environmental impact, economic dependence of unstable regions, and limited 

amount of raw material.1 Biomass is an alternative feedstock for these different 

products but in order to move towards a bio-based economy system biomass 

must be better utilized, both more efficiently and cost effectively. The purpose of 

biorefineries is to utilize biomass for production of various products and can be 

seen as analogous to the oil refineries, but fractionates and valorizes biomass 

instead of fractionating and distilling crude oil.2 The International Energy Agency 

(IEA) Bioenergy Task 42 defined biorefinery as  

“Biorefinery is the sustainable processing of biomass into a spectrum of marketable 

products (food, feed, materials, chemicals) and energy (fuels, power, heat)”.3 

The different types of biorefineries have been further classified according to four 

of their main features: feedstocks, platforms, products, and processes.4 The 

feedstock, or raw material, can be anything from crop based (e.g. starch or sugar 

crops), lignocellulosic crops (e.g. wood or switchgrass), aquatic biomass (e.g. 

algae and seaweed) or various waste products (e.g. farm residues or forestry 

wastes). The feedstock can be processed to yield so-called platforms. These 

platforms are intermediary products between the end product and the feedstock. 

Examples of platforms are biogas, syngas, C6 and C5 sugars, oils, lignin, pyrolytic 

liquids, and cellulose. These platforms can then be converted to products via 

different processes.  Even with this simplified classification system it is clear that 

there can be a wide variety between biorefineries. To be economically feasible 

each biorefinery should produce multiple platforms which can yield a wide 

spectrum of products, both of high and low value with little to no waste. 

Biorefineries are often considered sustainable due to the use of renewable 

resources; however, there are more factors to be taken into account to ensure 

sustainability. Examples of such factors are the utilization of all components of 

the biomass, land use, competition with food crops, accessibility to water, 

infrastructure etc. As such the versatility of biorefineries, and choice of 

feedstock, is somewhat limited due to the dependency on the geographical 

location. The pulping mills in Finland can be considered forest-based 

biorefineries. The mills mechanically and chemically process a renewable 

feedstock (managed forest) to platform chemicals (e.g. cellulose and fatty acids), 

which can be further processed to high value products. The hemicellulose and 
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lignin fractions of the biomass are used for energy production and the whole 

system is integrated to utilize all of the biomass and to reuse the process 

chemicals.5 To diversify the products, from the forest industry, new technologies 

need to be explored in order to yield both new platforms and products. In this 

thesis the lignin fraction isolated from softwood and hardwood by a new 

fractionation technology have been investigated. The fractionation technology is 

able to yield all of the three main structural lignocellulosic components as 

platforms and different applications for these wood components are being 

explored. The natural lignin macromolecule is inherently complex and will 

structurally not only vary between plant species, but any type of technical 

fractionation and isolation approach will further alter the structure. As such the 

lignin from this fractionation process will yield a different type of lignin with 

different properties compared to other lignins and it is important to understand 

the structural features in order to identify the best application area for this lignin. 

1.2. Lignocellulosic biomass 
Lignocellulose is a complex material that builds the structural backbone of all 

plant cell walls. It is produced by photosynthesis and the lignocellulosic 

feedstock is the most abundant renewable bioresource on earth. The secondary 

cell wall compromises the majority of the wood biomass and provides the cell 

with the mechanical strength and rigidity. It is mainly composed of cellulose (40–

55%), hemicellulose (20–40%) and lignin (15–30%).6 Structurally cellulose is a 

high molecular weight linear homopolysaccharide and its repeating unit 

cellobiose has two D-glucopyranose units in 4C1 chair conformation bonded 

together with a β-(1→4) glycosidic bond (Figure 1). 

 

Figure 1. Structure of cellulose. 

The cellulose polymer chains form supramolecular structures called elemental 

fibrils that are stabilized by intra- and intermolecular hydrogen bonding 

between the chains. Bundles of these elemental fibrils form so-called microfibrils 

that are packed and coated with hemicelluloses. The microfibrils can further 

form even larger macrostructures that are the structured skeleton of the wood 

cell.7,8 Hemicelluloses are the second largest polysaccharide class in woody plant  
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Figure 2. The structure of a) galactoglucomannans and b) 4-O-methyl-D-
glucurono-D-xylan. 

cells and structurally they differ greatly from cellulose. The hemicelluloses are a 

complex group of heteropolysaccharides, which can consist of multiple different 

monosaccharide units.9 The monosaccharides can be pentoses, hexoses, 

hexuronic acids and deoxy-hexoses. They can exist in both the pyranose and 

furanose form and the hydroxyl groups can be functionalized with acetyl- and 

methyl groups. The hemicelluloses have a β-(1→4) linked backbone with the 

monosaccharides in equatorial configuration. The backbone can contain one unit 

(e.g. in xylan) or more units (e.g. in galactoglucomannans). These backbones 

often contain branching from the other hydroxyl groups via glycosidic bonds, 

such as α-(1→6) as in glucomannans (Figure 2a) or α-(1→2) as in 4-O-methyl-D-

glucurono-D-xylan (Figure 2b) to other carbohydrates. The hemicelluloses exist 

in a matrix together with lignin in-between the cellulosic microfibrils and it has 

been proposed that glucomannans act as a cross linker between the 

microfibrils.10  The structure of lignin differs greatly compared to the 

carbohydrates, cellulose and hemicelluloses. It is an amorphous aromatic 

polymer, which is mainly bonded with alkyl aryl ether bonds (Figure 3). Due to 

its hydrophobic nature, it has a crucial part in the transportation of water and 

nutrition in the plants. Lignin has often been seen as an adhesive, which “glues” 

the wood cells together, and it forms a matrix together with the hemicelluloses 

around the cellulosic microfibrils. It has been shown in intact maize stems that  
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lignin interacts with xylans via electrostatic interactions between lignin methyl 

ethers and sugar polar groups.11 Evidence of direct covalent bonding between 

the lignin and carbohydrates has also been shown in Japanese red pine milled 

wood lignin.12 Besides the three main components also minor quantities of 

extractives, pectins, proteins, and inorganics can occur in the lignocellulosic 

biomass. The quantities and occurrence of these components varies greatly 

between plant species. 

 

Figure 3. Structure of native hardwood lignin.13  

1.2.1. Lignin structure and biosynthesis 

The lignin biopolymer is formed by oxidative coupling reactions between its 

monomeric units. The monomers are p-coumaryl-, coniferyl-, and sinapyl 

alcohol, which are formed via biosynthesis from L-phenylalanine or L-tyrosine.14 

The difference between the monomers is the degree of methoxyl group 

substitution in the aromatic ring on the 3- and 5-position. The rings are often 

referred to as p-hydroxyphenol (H) unit if it is unsubstituted; guaiacyl (G) unit if 

monosubstituted; and syringyl (S) unit if disubstituted (Figure 4).  
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Figure 4. a) p-coumaryl alcohol, b) coniferyl alcohol, c) sinapyl alcohol, d) 
hydroxyphenol (H), e) guaiacyl (G) and f) syringyl (S). 

The numbering of these so-called phenylpropane units, also called C9 or C6C3 

units, is assigned so the aromatic carbon that is attached to the propane chain as 

C-1 and in guaiacyl units the carbon that has a OMe-group attached is always 

assigned as C-3. The carbons on the propane side chain are assigned C-α, C-β and 

C-γ, where C-α is attached to C-1. The ratio and occurrence of the monomers vary 

among wood species. Softwood is mainly composed of guaiacyl units, hardwood 

both guaiacyl- and syringyl units, and grasses contain all three of the lignin units. 

Compression wood that is found on the lower side of leaning stems also contains 

hydroxyphenol units. The oxidative polymerization of the monomeric units 

starts with an enzymatically catalyzed one-electron transfer dehydrogenation 

reaction that result in a phenoxy radical (Scheme 1). The formed radical is 

resonance stabilized so that the electron density will be delocalized to positions 

O-4, C-1, C-3, C-5 and C-β. Due to the aromatic substitution pattern the O-4 and 

C-β positions will be mostly reactive together with C-5 in guaiacyl units and C-3 

and C-5 in hydroxyphenol units. The radical coupling between the monomeric 

units will prefer to react between these reactive sites and the most common 

linkages will be β-O-4, β-5, 5-5 and β-β. In scheme 2 the monomer coupling 

between an O4-radical monomer and a Cβ-radical monomer can be seen. After the 

radical coupling, a quinone methide intermediate is formed, which is susceptible 

to nucleophilic attack on the Cα-carbon to regenerate the aromatic ring. Most 

often the nucleophile will be water, or hydroxyl ion, so that the most abundant 

β-O-4-linkage will be formed (Scheme 2d), 



6 

 

 

Scheme 1. Formation and resonance structures of the phenoxy radical. 

but other nucleophiles can also attack the Cα-carbon to form α-O-4-linkages.15 

Due to the complexity of the lignin biosynthesis different types of lignin linkages 

(Figure 5a-k) and end groups (Figure 5l-o) have been proposed to occur in 

varying amounts.16,17 A Synthetic lignin polymer, called dehydrogenation 

polymer (DHP), has been used to study the polymerization of lignin. This DHP 

lignin is synthesized in vitro by adding the monomer into a solution of hydrogen 

peroxide and an enzyme and has been an invaluable tool in understanding the 

structure and formation of lignin. Besides the lignin-lignin linkages lignin will 

also bind covalently to carbohydrates to form lignin-carbohydrate complexes 

(LCC). These can be formed by nucleophilic attack by the carbohydrates to the 

benzylic position of the quinone methide intermediate or by enzyme catalyzed 

glycosylation reactions. Due to the available functional groups the LCC will be 

linked by ester, ether, glycosidic or acetal bonds (Figure 5p-s).18–20  

 

Scheme 2. Coupling of a) Cβ-radical- and b) O4-radical monomer to form the d) 
β-O-4 linkage via the c) quinone methide intermediate. 
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Figure 5. Structures of lignin linkages: a) β-O-4, b) Cα-oxidized β-O-4, c) α-O-4, 
d) β-5 (phenylcoumaran), e) β-β (resinol), f) secoisolariciresinol (β-β), g) 
dibenzodioxocin (5-5), h) spirodienone (β-1), i) β-1, j) 5-5 (biphenyl), k) 4-O-5. 
End groups: l) cinnamyl alcohol, m) cinnamaldehyde, n) dihydrocinnamyl 
alcohol, o) benzaldehyde. Lignin-carbohydrate linkages: p) phenyl glucosides, q) 
γ-esters, r) benzyl ether and s) acetal/ketal. 

1.3. Isolation of lignin 
As lignin is a structural component in the wood cell it has often been necessary 

to isolate it from the other wood constituents prior to any type of analysis. The 

quantification of the total amount of lignin in wood is usually performed by 

hydrolyzing the carbohydrates with strong acids to leave the acid-insoluble 

lignin. The most common of these hydrolysis methods is the Klason method. The 
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method first employs 72% sulfuric acid to hydrolyze the carbohydrates, after 

dilution a second hydrolysis step is performed, and the washed and isolated 

lignin residue is referred to as Klason lignin. While this gravimetric method 

determines the total amount of lignin its harsh conditions greatly affect the 

structure of the native lignin and other lignin isolation methods are needed for 

qualitative analysis. Laboratory methods for isolation of a more intact lignin 

usually ball mills the wood sample into a fine powder from which the lignin is 

extracted. The most commonly used method is the Milled-Wood lignin (MWL) 

method developed by Björkman.21 In this method the wood is milled, in either 

dry state or in a non-swelling medium such as toluene, and a dioxane/water 

(96:4 v/v) solvent mixture is used for extraction of the lignin. The MWL is 

considered structurally close to native lignin found in wood, however, the 

isolated lignin yield in MWL compared to Klason lignin is relatively low (~30-

40%). The mechanical energy of the milling can also induce structural changes 

to the lignin, such as oxidation of the α-carbon and cause cleavage of the β-O-4 

bonds.22 Another similar method, the Cellulolytic Enzyme Lignin (CEL), treats the 

milled wood with hydrolytic enzymes prior to solvent extraction and is able to 

isolated lignin in higher yields than MWL.23,24 Enzymatic Mild Acidolysis Lignin 

(EMAL) uses enzymatic hydrolysis of the milled wood to remove the 

carbohydrates followed by mild acidolysis to cleave the remaining lignin-

carbohydrates bonds, EMAL isolates a more intact lignin in higher yields than 

both the MWL and CEL.25  While CEL and EMAL lignins yield a more presentative 

native lignin the procedures are more tedious than that of the MWL. Zinovyev et 

al.26 showed that the main degradation of MWL occurs in its high molecular 

fractions and that the procedure can be reduced to a working day if accelerated 

solvent extraction is employed, therefore, MWL is still often used to study lignin 

and used as a reference sample. 

1.4. Technical isolation of lignin 
Most industrial pulping or pretreatment processes currently focus on the 

utilization of the carbohydrate fractions, mainly cellulose, from the 

lignocellulose matrix. To achieve this lignin is fragmented and solubilized, 

generally under either alkaline or acidic conditions, so that the cellulose can be 

isolated.  

1.4.1. Kraft process 

The kraft process, or the sulphate process, is the predominant pulping process 

and produces approximately 50 million tons of lignin annually. In a conventional 

kraft process the wood chips are cooked in a aqueous solution of NaOH and Na2S 

(white liquor) at 170 °C for approximately 2 h.27 The majority of lignin and 
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hemicelluloses are washed out and burnt in a recovery boiler to produce heat 

and electricity, and Na2S is regenerated. As the electricity generation and process 

chemical regeneration is such an integrated part of the pulping mills only a 

fraction of the kraft lignin is available commercially, approximately 265 ktons 

annually.28 The availability of commercial kraft lignin is increasing due to 

technologies that can isolate lignin from the black liquor in kraft processes, such 

as Lignoboost29 and Lignoforce30. It is still necessary to secure the energy 

demand of the kraft mills but 5-20% of the lignin can be isolated by these 

processes.28 The Lignoboost process has already been implemented in two full 

scale kraft processes, in Domtar’s North Carolina mill and Stora Enso’s Sunila 

mill, and in two demo plants, one in Klabin's Technology Center in Brazil and 

another plant in Bäckhammar, Sweden. Kraft lignin contains approximately 1-

3% sulfur due to the incorporation of the pulping chemicals into the lignin. 

Another alkaline pulping method is the Soda process. The Soda process was the 

first chemical pulping process and was patented in 1854.31 As it only uses NaOH 

as a pulping chemical the lignin obtained from the Soda-process is sulfur-free. It 

has largely been replaced by the kraft pulping due to the higher quality pulp but 

it is still used for non-woody annual plants and agricultural residues in small 

volumes.  

1.4.2. Sulfite process 

The second largest pulping process is the sulfite process and approximately 1.3 

million tons lignosulphonates are annually produced for commercial use.32 The 

sulfite process uses salts of sulfites or bisulfites as pulping chemicals and sodium, 

magnesium, ammonium and calcium have been used as counter ions. The 

pulping process is performed at 140-170 °C and the pH varies from acidic to 

alkaline depending on what counter ion is used. Considerable amounts of sulfur, 

about 4-8%, are incorporated into the lignin structure as sulphonates.32 

Compared to the lignin from the alkaline pulping processes lignosulphonates are 

water soluble below high pH (<12).  

1.4.3. Acid hydrolysis 

Acid hydrolysis lignin is the by-product of 2nd generation biofuels. To produce 

ethanol the carbohydrates need to be hydrolyzed to monomers so that they can 

be fermented. The process is called concentrated acid hydrolysis if higher 

concentrations of the acids are used (10-30%) and when lower concentrations 

(2-5%) it is called dilute acid hydrolysis. Concentrated acid hydrolysis process 

occurs at low temperatures and produces high hydrolysis yields (~90%), 

however, the use of large amounts of acids (often H2SO4) is the obvious 

drawback. Dilute acid hydrolysis uses lower amount of acids but is carried out at 
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high temperatures, which causes side reactions and the yields are lower.33 

Currently low amounts of hydrolysis lignin are produced compared to 

lignosulfonates and kraft lignin but due to the increasing demands for biofuels 

the production amount is expected to increase drastically.34 Large amounts of 

hydrolysis lignin were produced by the Soviet Union for approximately 70 years 

but they were not able to find any economically feasible applications due to the 

heterogeneity, large amounts of impurities and condensation of the lignin.35 

1.4.4. Organosolv process 

There are many other promising fractionation technologies but these are not 

industrial scale processes.36 One notable mention is the organosolv process.37 

Organosolv is an umbrella term for biomass fractionation using organic solvents 

(i.e. methanol, ethanol, acetone, THF, ethylene glycol) or organic acids (i.e. formic 

or acetic acid), often in water mixtures and can use acidic or alkaline catalysts.38 

The process operates at elevated temperatures (100-250°C) and is based on the 

fact that the lignin and hemicelluloses can be solubilized in some organic 

solvents. Organosolv processes can be used as a pulping process for the 

production of pulp or as a pretreatment with a subsequent enzymatic hydrolysis 

step to yield biofuel.39 Organosolv has some advantages over traditional pulping 

processes, such as less air and water pollution, the possibility to isolate all 

biomass fractions, and the theoretical possibility to recover all of the organic 

solvent by simple distillation. Drawbacks of the process include costly washing 

procedures of the pretreated solids, substantial quantities of expensive organic 

solvents, and any loss of the solvents leads to both great economic losses and can 

be associated with explosion risks.40 Aqueous ethanol is an attractive solvent 

system due to the price, being environmentally benign and possibility to be 

produced on site. A demonstration mill using the Alcell process (50% EtOH at 

~195°C and ~28 bar) was operating in New Brunswick, Canada from 1989 to 

1996. It was concluded that the mill produced high quality and easily bleachable 

pulp and that it could be economically feasible if it has a capacity of ~300 metric 

tons/day.41 The Alcell technology and facilities was purchased by Lignol 

Innovations corporation, who are trying to commercialize the process.42 Also 

other types of organosolv technologies are commercialized, such as the Formico 

technology developed by the Finnish company Chempolis. The technology is 

based on using formic acid and a biorefinary plant is currently being constructed 

in Assam, India. The biorefinary will use 300 ktons annually of bamboo to 

produce bioethanol, furfural, acetic acid and energy.43 
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1.5. Pulping chemistry 
The chemistry behind the depolymerization, and subsequent repolymerization, 

of lignin during biomass processing strongly depends on the processing 

conditions. The chemical mechanism of the processing methods can be divided 

into a) base-catalyzed, b) acid-catalyzed, c) reductive, d) oxidative or e) 

thermal.44 The acid- and base-catalyzed reactions are most important during 

biomass fractionation. The reductive mechanisms occur during reductive 

catalytic depolymerization of isolated lignin. The oxidative mechanisms occur 

during the bleaching of pulp and thermal mechanisms during pyrolysis.  The 

process “severity” (i.e. time, temperature, concentrations etc.) will influence the 

extent of the chemical alterations.45 Due to the importance of the chemistry 

during pulping, and other biomass pretreatments, detailed information 

regarding the mechanism have been acquired.44,46,47 During these processes new 

types of structures can form by repolymerization reactions, these structures are 

often bonded by more stable C-C bonds and are called condensed structures  and 

also new types of end groups can form during pulping processes (Figure 6).48–52 

Some of the already existing structures (Figure 5) can be enriched during these 

processes (e.g. 5-5 bonds Figure 5j).53 While native lignin has a complex 

structure with multiple different linkages between the lignin units the most 

commonly occurring linkage is the β-O-4, and as such the main focus in pulping 

chemistry has been on its cleavage.  
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Figure 6. Examples of structures and end groups that can form during biomass 
processing: a) Enol ethers, b) β-1 stilbene, c) β-5 stilbene, d) epiresinol, e) 1-5, f) 
1-1, g) lactone linker, h) α-5, i) α-6, j) diarylmethane, k) vanillic acid, l) aryl 
glycerol, m) acetovanillone, n) reduced β-O-4, o) β-hydroxy acid, p) guaiacyl 
acetic acid, q) mandelic acid, r) and s) Hibbert ketones.  

1.5.1. Base-catalyzed pulping chemistry 

A general scheme of the base-catalyzed depolymerization of lignin in kraft 

pulping can be seen in (Scheme 3). The initial β-O-4 cleavage proceeds slowly as 

the deprotonation, prior to the cleavage and epoxide formation, is from an 

aliphatic hydroxyl group (Scheme 3a). Nucleophilic attack on the formed epoxide 

(Scheme 3b) will yield the aryl glycerol (Scheme 3c) if the nucleophile is water 

or hydroxide ion. Other α-substitutions can also occur, for example 

condensation, if the nucleophile is another lignin fragment. The lignin fragment 

(Scheme 3d) has now a free phenolic hydroxyl group and can form a quinone 

methide structure (Scheme 3e) by eliminating -OH from the α-position. The 

quinone methide structure is extremely important for alkaline lignin chemistry 

and increases the electrophilicity on the α-position due to the desire to restore 

aromaticity. Nucleophilic attack on the α-position can yield condensed 

structures (Scheme 3f) if the nucleophile is another lignin fragment or benzyl 
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mercaptide (Scheme 3g) during kraft pulping if the nucleophile is hydrogen 

sulfide. The mercaptide can then ring close to cleave the β-O-4 bond and form 

the episulfide (Scheme 3h), which can react further. The quinone methide can 

also form the enol ether by cleavage of formaldehyde (Scheme 3i). The enol ether 

formation occurs mainly in soda pulp due to the lack of good nucleophiles, such 

as HS- in kraft process, and is stable under alkaline conditions but is acid labile. 

The released formaldehyde can cause further condensation via formaldehyde-

phenol condensation to form diphenylmethane structures (Figure 6j). 

 

Scheme 3. Reaction scheme of base-catalyzed reactions adapted from 
Schutyser et al.44 

1.5.2. Acid-catalyzed pulping chemistry 

Considerable amount of condensation occurs during acid depolymerization 

compared to base-catalyzed. A general scheme of the acid catalyzed β-O-4 

hydrolysis can be seen in (Scheme 4). Initially the hydroxyl-group on the α-

position is protonated (Scheme 4a) and is eliminated to form the benzylic 

carbocation (Scheme 4b), that is stabilized by the aromatic ring. This position is 
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now susceptible to nucleophilic attack by for example another lignin fragment to 

form the condensed structure (Scheme 4c path 1). It can also form the enol ethers 

(Scheme 4c) and (Scheme 4d) by either eliminating the hydrogen on the β-

position (Scheme 4 path 2) or by cleavage of formaldehyde (Scheme 4 path 3). 

These enol ethers are labile under acidic conditions and will be hydrolyzed to 

(Scheme 4e and 4f). The formed ketone (Scheme 4e)  can isomerize into different 

types of ketones (Scheme 4g) and are called Hibbert’s ketones after its 

discoverer Harold Hibbert.54 Both the Hibbert’s ketones and (Scheme 4f) can 

further react with other lignin fragments for further condensation. 

These depolymerization mechanisms are also valid for the sulfite process but 

here the (bi)sulfites can act as nucleophiles. The specific mechanism will depend 

on the pH, which the sulfite process is using. The same is true for organosolv 

processes, here the solvent used can act as a nucleophile and be incorporated 

into the lignin structure. 

 

Scheme 4. Reaction scheme of acid-catalyzed reactions adapted from Schutyser 
et al.44 
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1.5.3. Lignin model compounds 

It is challenging to study the chemistry that is occurring in biorefinery processes, 

or in lignin depolymerization reactions, due to the inherently complex lignin 

biopolymer. Synthetic model compounds of specific lignin structures have often 

been used to reduce the complexity and to simplify the chemistry. When 

depolymerization strategies are being developed, or when pulping chemistry 

have been investigated, the focus has often been on the most abundant alkyl aryl 

ether linkages (β-O-4).55,56 This is apparent when looking at the minimalistic 

model compounds that are often used in depolymerization studies or studying 

pulping chemistry, such as the alkyl aryl ether (Figure 7a), aryl-aryl ether (Figure 

7b), or simplistic β-O-4 models (Figure 7c).13 Model compounds can also be used 

to assist in analysis and to verify structures detected in biomass samples,49,50 and 

to study chemical reactions with lignin.57 The main limitation of using model 

compounds is that the chemistry performed on these simplified structures are 

not necessarily applicable to lignin samples, due to the oversimplification of the 

structure. In more modern approaches the other abundant linkages such as the 

β-5 and 5-5 linkage are taken into consideration and substantially more complex 

model compounds are being used to give a better representation of lignin (Figure 

7d).58  

 

Figure 7. Examples of lignin model compounds. 
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1.6. Lignin analysis 

1.6.1. Wet chemical analysis 

Due to the complexity of lignin a wide variety of an analytical methods have been 

used to investigate its structure and properties.59 Over the past century many 

structures of lignin have been suggested (e.g. by Freudenberg, Adler, Nimz etc.).60 

These proposed structures of lignin have continuously been refined due to the 

development of new methods for structural analysis. Traditionally different 

types of wet chemical methods have been used to measure specific functional 

groups (e.g. carbonyl-, carboxyl-, hydroxyl- and methoxy groups) and 

monomeric composition.61,62 The functional groups were often measured by 

combining chemical modification and titration. For example, the determination 

of hydroxyl groups was done by acetylation followed by deacetylation and 

titrating the amount of formed acetic acid, the amount of methoxy groups was 

determined by demethylation of the methoxy groups with HI followed by 

determination of the formed methyl iodide; the amount carboxyl groups was 

determined by conductometric titration; and the total amount of carbonyl 

groups was determined by condensing the aldehyde or ketone functionalities 

with hydroxylamine hydrochloride and then determining the amount of formed 

HCl by titration. The methods for determining the monomeric composition 

employ degradative techniques (e.g. nitrobenzene oxidation, permanganate 

oxidation, thioacidolysis, derivatization followed by reductive cleavage (DFRC)) 

to cleave the lignin polymer into monomeric species, that can then be detected 

with chromatographic methods.63 Nitrobenzene oxidation will mainly oxidize 

lignin to the monomeric units’ vanillin, syringyl aldehyde and p-

hydroxybenzaldehyde, which allows for the determination of the S/G/H ratio. 

Permanganate oxidation degrades all the aliphatic side chains, attached to the 

aromatic moieties, to carboxylic acids. This provides information about the 

aromatic substitution pattern and S/G/H ratio in the lignin sample. In the 

thioacidolysis analysis method lignin is depolymerized using boron trifluoride, 

as acid catalyst, and ethyl thiol as nucleophile. The method will mainly cleave the 

arylglycerol-β-aryl ether linkages to yield trithioethyl phenylpropane (C6C3) 

units, which allows for the determination of the β-O-4 content and the S/G/H 

ratio. The DFRC method provides similar information as the thioacidolysis 

method. The method proceeds by treating lignin with acetyl bromide, which will 

result in bromination of the benzylic position and acetylation of the hydroxyl 

groups. The alkyl aryl ether bonds can then be cleaved by reductive cleavage 

using zinc to yield C6C3 monomers. The wet chemical methods have played an 

important role in our current knowledge on the lignin structure. However, these 

indirect methods can be both time consuming and tedious to perform, and as 
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some methods give very specific information and multiple different methods are 

often needed. The chemical degradation reactions can also suffer from low 

yields, side reactions, low reproducibility and varying results based on what type 

of lignin is being analyzed. Due to these reasons and the increasing availability 

of spectroscopic instrumentation there has been a decrease in utilization and 

development of the wet chemical methods. Despite this, wet chemical methods 

are still routinely used for lignin analysis, for example Anderson et al.64 used 

thioacidolysis to confirm the S/G ratio when researching lignin 

depolymerization and Balakshin et al.65 used wet chemical methods in 

combination with spectroscopic methods when studying the branching of spruce 

MWL. The methods are still also being developed to give more structural 

information on lignin and to simplify the procedures. Examples of such 

improvements are to use Raney-nickel to desulfurize the thioacidolysis products. 

This simplifies the analysis as it reduces the number of products and improves 

the volatility, which allows for analyzation of dimeric fragments by GC or GC-

MS.66 A high-throughput and quantitative thioacidolysis protocol has also been 

developed by Harman et al., which allows for  faster analysis times and 

quantification by using aryl glycerol standards.67  

1.6.2. Spectroscopic methods 

Spectroscopic methods are often direct methods that can analyze the whole 

lignin structure without the need of chemical degradation. Various spectroscopic 

methods have been used to analyze the lignin structure; however, NMR 

spectroscopy has had the greatest impact. A wide variety of experiments (i.e. 1H, 
13C, 31P, 19F, HSQC, etc.)68 can be measured with NMR spectroscopy providing 

detailed structural information about lignin. Signal overlap can be partially  

overcome by derivatizing lignin, by e.g. acetylation, and comparing the chemical 

shift of the unmodified to the modified lignin. Identification and quantification of 

some specific functional groups can also be performed by derivatizing lignin with 

suitable derivatization agents.69,70 FTIR analysis is another spectroscopic method 

that has been frequently used to analyze lignin. FTIR provides substantial 

information on the chemical bonds present in the lignin structure, however, due 

to the complex signal patterns and peak overlap, it is mainly used for qualitative 

analysis to identify different functional groups. FTIR is still an attractive analysis 

method due to being relatively cheap, simple, fast, and available compared to 

other methods. Lancefield et al.71 was able to accurately predict Mn, Mw and inter-

unit linkage abundance in technical lignins with FTIR. This was performed by 

first analyzing a calibrating set of 54 technical lignins that had been thoroughly 

analyzed with GPC, NMR methods, and FTIR. Multivariate analysis techniques 
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could then be used to correlate structural characteristics to FTIR spectra of lignin 

samples. 

1.6.3. 1H NMR spectroscopy 
1H NMR spectroscopy has been an important technique for structural 

characterization of lignin. The proton nucleus has almost 100% natural 

abundance, which provides a high signal to noise ratio (S/N), hence the 

possibility to perform quantitative analysis without excessive experimental 

time. Many key features can be assigned from the spectral data such as 

carboxylic-, aromatic-, aliphatic- and the -OMe protons in underivatized lignin.72 

Signal overlap can be partially decreased by analyzing lignin acetates, which 

gives more information on the lignin side chains.73,74 The amounts of aliphatic 

and phenolic hydroxyl groups can also be quantified by analyzing the lignin 

acetates.75 The major drawback with 1H NMR spectroscopy is the limited range 

of chemical shifts (0-12 ppm), which leads to extensive signal overlapping 

(Figure 8). Other NMR experiments have generally replaced 1H NMR 

spectroscopy for lignin characterization and quantification but the method 

remains relevant for routine analysis due to its short experimental time and 

possibility to use benchtop NMR instruments.76  

 

Figure 8. 1H NMR spectrum of a technical birch lignin (above) and a birch MWL 
(below). 
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1.6.4. 13C NMR spectroscopy 
13C NMR spectroscopy (Figure 9) has significantly broader chemical shift range 

(0-220 ppm), better resolution, and less overlap of signals compared to 1H NMR 

spectroscopy (Figure 8).77 The spectroscopic method can also detect aromatic 

carbon bonded with C-C and C-O bonds, which is impossible for proton-based 

measurements. Consequently, 13C NMR spectroscopy can provide considerably 

more structural information on lignin. Model compounds have been used to 

prepare large libraries of 13C NMR chemical shifts of various lignin moieties,78,79 

and a protocol for acquiring quantitative 13C NMR spectra using 1,3,5-trioxane as 

internal standard was developed by Xie et al.80 Balakshin et al. have performed 

comprehensive 13C NMR spectroscopy method development for analysis on both 

native MWL and technical lignin, by analyzing acetylated and unmodified 

lignin.48,81 In these studies they were able to quantify a wide variety of lignin 

moieties and structural features, e.g. aromatic C-H, S/G/H ratio, lignin linkages 

(e.g. β-O-4, β-β, β-5 etc.), carbohydrates, OMe groups, degree of condensation, 

conjugated and non-conjugated carbonyl and carboxyl groups, different types of 

hydroxyl groups, etc. Despite these advantages the measurement has drawbacks 

compared to other NMR experiments. The 13C nucleus only has a 1.1% natural 

abundance, which leads to much longer experimental time. Performing 

quantitative 13C NMR measurements prolongs the experiments even more due to 

the necessity to use an inverse gated decoupling sequence and increased 

relaxation delays between the pulses. The experimental time can be reduced by 

using relaxation agents, such as Cr(acac)3, but are still considerably longer than 

e.g. 1H NMR measurements.80 Even with the wide chemical shift range there is 

still extensive amounts of signal overlap due to the heterogeneous nature of 

lignin. The high amounts of signals, especially in the aromatic region of technical 

lignin, can cause difficulties in baseline correction and subsequently effect peak 

integration. To assist with these data processing issues, Balakshin et al. have 

proposed a baseline correction protocol.48 13C NMR spectroscopy is one of the 

most important lignin analysis methods due to the large amount of structural 

information that can be obtained with the method, and the possibility to perform 

quantitative analysis.82 
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Figure 9. 13C NMR spectrum of a technical birch lignin (above) and a birch MWL 

(below). 

1.6.5. 31P NMR spectroscopy 

The quantitative hydroxyl group determination by 31P NMR spectroscopy has 

become one of the most important routine NMR measurements for lignin 

chemists.69 As lignin does not contain any phosphorus, the 31P NMR method is 

made possible by preparing a phosphite derivative of the hydroxyl groups.83 The 

chemical environment surrounding the different hydroxyl groups will affect the 

chemical shifts of the 31P nuclei so that the aliphatic-, 5-substituted- (syringyl and 

5-condensed structures), guaiacyl-, p-hydroxyphenyl hydroxyl groups as well as 

the amount of carboxyl groups can be detected separately (Figure 10). The 

hydroxyl group content is an extremely important parameter as it can be used to 

follow the structural changes caused by biorefinery processes, for stoichiometric 

calculations when performing chemical modifications of the hydroxyl groups, 

and to follow the progress of such reactions. The methodology was initially 

developed for identifying functional groups with labile hydrogens (e.g. alcohols, 

thiols, amines and carboxylic acids) in coal-derived materials by the Verkade 

group,84–86 and was then applied to lignin in a series of publications by 

Argyropoulus et al.83,87–91 Initially a first generation phosphitylation agent, 2-

chloro-1,3,2-dioxaphospholane, was used but due to poor signal separation a  
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Figure 10. 31P NMR of a phosphitylated birch lignin sample using e-HNDI as IS.  

second generation reagent, 2-chloro-4,4,5,5-tetramethyl-1,3,2-

dioxaphospholane, was applied to the procedure (Figure 11a and b).83 The 

amount of hydroxyl groups are quantified using an internal standard (IS), and 

secondary alcohols (e.g. cholesterol and cyclohexanol) have often been used 

(Figure 11c and d). Due to the slight overlapping with the signals from lignin, 

another IS, endo-N-hydroxy-5-norbornene-2,3-dicarboximide (e-HNDI), has 

become a popular alternative (Figure 11e).92 While there are no overlapping 

signals between e-HNDI and the lignin, some concerns regarding the stability of 

the phosphitylated e-HNDI have been raised, especially if the sample is not 

analyzed immediately after the preparation.93 31P NMR benefits from almost 

100% natural isotopic abundance and the chemical derivatization only takes 5-

10 minutes for completion, which makes the method viable for fast screening of 

multiple lignin samples.94 The quantification of phosphitylated products is 

ensured by using the relaxation agent, Cr(acac)3 to suppress the long T1 

relaxation time of the 31P nuclei, and an inverse-gated decoupling pulse sequence 

to eliminate any nuclear Overhauser effect (NOE) effects from coupling of 31P 

nuclei to protons.95 The method is continuously being developed to include 

different types of lignin (e.g. lignosulphonates),96 biomass,97 and in food analysis 

(e.g. vegetable oils, phenolics, tannins etc).98–102 Some of the drawbacks with the 

method is the necessity for derivatization, the stability of the formed phosphites, 
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slight overlap of some signals, and the cost and commercial availability of the 

phosphitylation reagent. 

 

 

Figure 11. (a) Phosphitylating agents (a) 2-chloro-l,3,2-dioxaphospholane, (b) 
2-chloro-4,4,5,5-tetramethyl-l,3,2-dioxaphospholane, and internal standards (c) 

cholesterol, (d) cyclohexanol and (e) e-HNDI. 

1.6.6. 2D NMR spectroscopy 

Two-dimensional 1H–13C Heteronuclear Single Quantum Coherence NMR 

Spectroscopy (HSQC) is at present one of the most frequently used spectroscopic 

methods for structural characterization of lignin. The additional dimension leads 

to significantly less signal overlap and more reliable assignation of structural 

components compared to 1H- and 13C NMR spectroscopy (Figure 12). HSQC 

provides comprehensive structural information on lignin samples such as 

naturally occurring  inter unit linkages (e.g. β-O-4, β-β, β-5 etc.), end groups (e.g. 

cinnamyl alcohol, aldehyde etc), lignin-carbohydrate linkages, types of units (S-, 

G- and H-units) and structures formed during depolymerization processes (e.g. 

stilbenes, enol ethers, Hibbert’s ketones, 4-O-5, α-alkoxy etc.).49,50,103–105 It can 

also be used to identify impurities such as solvents, fatty acids, carbohydrates, 

amino acids, other extractives and to characterize products of chemical 

modifications of lignin.106–108 The spectroscopic method has been used to identify 

new structures in lignin both native (e.g. spirodienone, tricin, and 

dibenzodioxocins)109–112 and from industrial processes.49 The inclusion of these 

new native linkages was of particular importance in recently proposed models 

of native lignin by Ralph et al.113 Procedures for characterizing whole plant cell 

wall using HSQC have been developed, which allows for rapidly screen plant 

material and discern whole cell wall information without the need to deconstruct 

and fractionate the plant cell wall.114,115 The 2D NMR technique also contributed 

significantly when Crestini et al.52 proposed a new model structure of softwood 

kraft lignin based on in-depth analysis and quantification of lignin moieties. 
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Lancefield et al.49 also investigated the structure of kraft lignin and identified 

previously unknown structures and structures that had previously only been 

proposed in kraft lignin. Prior to these improvements of our knowledge of kraft 

lignin, the previously proposed structure of softwood kraft lignin had been by 

Marton in 1971.60 The verification of new structures can easily be performed by 

comparing the chemical shifts with model compounds. The NMR experiment is 

often used to calculate the amount of the different lignin linkages per C6C3 unit 

in a lignin sample. These are semi-quantitative values and use the correlation 

peaks of the aromatic C-H as IS representing the C6C3 units. Zhang and Gellerstedt 

improved this method by combining quantitative 13C NMR spectroscopy and 

HSQC. In this method, the quantification is done with quantitative 13C NMR 

spectroscopy and the relative abundance of the lignin linkages are calculated 

from the HSQC spectrum.104,116 Many 2D NMR experiments are not quantitative 

as the peak integrals can vary between different types of C-H, however, new 

types of HSQC experiments and methodologies have been developed, such as QQ-

HSQC and HSQC0, which enable for better quantification using HSQC.117–119 The 

main drawback with HSQC is that the method only detects 1H–13C cross 

correlation peaks and needs a proton to be attached to the carbon. Due to this 

valuable information, many of the aromatic carbons and quaternary carbons 

cannot be obtained. 

 

Figure 12. HSQC spectrum of Birch MWL with 1H NMR spectrum projected on 
x-axis and 13C NMR spectrum on y-axis. 
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1.6.7. Molar mass determination 

The molar mass is an important physicochemical property of lignin polymers. 

The number average molecular weight (Mn) and the weight average molecular 

weight (Mw) are the averages used to describe the lignin polymer, and the 

dispersity (Đ=Mw/Mn) describes the molar mass distribution. Different 

techniques can be used for the determination of the molar mass but many of 

them can only determine either the Mw (e.g. light scattering, ultrafiltration and 

ultracentrifugation) or Mn (e.g. vapor pressure osmometry).120,121 The most 

commonly used method for molar mass determination is high-performance size 

exclusion chromatography (HPSEC).122 HPSEC which provides access to the 

whole molecular weight distribution (Mw and Mn), has short sample preparation 

and analysis time, and only milligram quantities of sample are required. Sulaeva 

et al.123 showed that the analysis time could be reduced even more by using ultra-

performance liquid chromatography instrumentation. The molecular weight is 

determined based on the elution time of the analyte, which is dependent on the 

hydrodynamic volume of the polymer. It is a relative method as molecular weight 

standards are needed for calibration to obtain the relationship between the 

hydrodynamic volume and the molecular weight. It can be necessary to 

derivatize lignin to increase its solubility in the eluent as unmodified lignin can 

have limited solubility or form aggregates in some solvents.124 The most used 

HPSEC system uses THF as eluent using ultraviolet (UV) detection at 280 nm, and 

polystyrene calibration standards to analyze acetylated lignin.125 In a 

collaborative study the intra- and interlaboratory variations in different HPSEC 

analysis systems were investigated.125 It was concluded that high molar mass 

lignin with high polydispersity had the highest variations between the 

laboratories. The solubility of acetylated lignin  was also a source of error, even 

with the chemical derivatization the solubility in THF of some high molar 

acetylated lignin was an issue.124 Any derivatization will also affect the molar 

mass in varying degree based on the amount of free hydroxyl groups and there 

is a risk for side reactions. Asikkala et al.126 investigated three similar 

derivatization systems (acetobromination, acetylation and partial acetylation) of 

lignin for HPSEC analysis. They concluded that acetobrominated lignin had the 

highest solubility in THF and considerably faster reaction times for the 

derivatization than the other methods. In an attempt to develop a standardized 

HPSEC system Lange et al.127 investigated normal setup procedures for THF-

HPSEC systems. They looked in to sample preparation methods (i.e. acetylation, 

acetobromination, benzoylation), choice and number of columns, detectors, 

calibration, and they also proposed correction factors to correct for the effect 

derivatization has on the molar mass. Multi-angle laser light scattering (MALLS) 
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is another promising method for molar mass determination of lignin. The 

method can determine the absolute molar mass, that is, no calibration standards 

are required as the molar mass can be derived from the intensity of light 

scattered by the lignin molecules.128 MALLS can analyze lignin in solvents that 

can dissolve unmodified lignin, such as DMSO and DMF, and aggregation can be 

minimized by addition of LiCl or LiBr.124 As UV-detectors are often used in HPSEC 

analysis, DMSO and DMF have been avoided due to their UV-dampening effect. 

The main limitation using MALLS is the interferences of fluorescence and UV/vis 

absorption from lignin, especially technical lignin.128 It is also necessary to 

carefully determine a refractive index increment (dn/dc) parameter for each 

analyzed lignin. Gaugler et al.129 investigated the use of a multi-detector HPSEC 

systems using MALLS and viscometry detectors. The use of such systems could 

prove beneficial as the different detector can provide different information about 

the lignin polymer. Other promising molar mass determination technologies that 

are being investigated include matrix-assisted laser desorption time-of-flight 

mass spectrometry. The analysis method has been used for qualitative analysis 

of lignin and molar mass determination in fractionated lignin with narrow 

polydispersity, but suffers from difficulties ionizing high molecular weight 

lignin.130,131 Methods for determining the molar mass using NMR spectroscopy is 

also being developed, using diffusion ordered spectroscopy (DOSY)  

measurements.132,133 DOSY measures the diffusivity of molecules in solution, 

which can then be related to their molar mass. The method is still in development 

and the diffusion coefficients in lignin and their relationship to the molar mass 

are not well defined. 

1.7. Lignin applications 
Approximately 1.65 Mt of commercial technical lignin is produced annually 

(excluding energy production), of which lignosulphonates constitutes ~80%, 

kraft lignin~15%, hydrolysis and soda lignin ~5%.28  In Figure 13 the most 

prominent companies, their lignin brands, and applications can be seen.134 The 

primary lignin applications currently use lignosulphonates, or sulphonated kraft 

lignin, as cement/concrete additives (~500 kt/y) or as miscellaneous 

dispersants and binders (~400 kt/y). Other current commercial products 

include vanillin (~30 kt/y), phenolic resins/derivatives (~35 kt/y), phenol (~5 

kt/y), and additives in asphalt (~5 kt/y). All these applications are expected to 

have much higher potential production volumes than what they currently have. 

Other lignin applications that are not currently being produced at significant 

volumes but have great potential include carbon fiber, activated carbon, polyols, 

and BTX (benzene, toluene, and xylene). In a report by the Pacific Northwest 

National Laboratory and the National Renewable Energy Laboratory, lignin’s 
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role as a renewable raw material resource was evaluated.135 Three application 

categories were identified as possibilities in utilizing lignin: power, fuel, and 

syngas (generally near-term opportunities); macromolecules (generally 

medium-term opportunities); and aromatics and miscellaneous monomers 

(long-term opportunities). 

 

Figure 13. Lignin commercial brands and their applications by the prominent 
companies, figure from Suota et al.134 

Besides combustion, which is practiced daily in paper mills, also other methods 

(i.e. gasification and pyrolysis) can be used to produce power and fuels. Syngas, 

which is a gas mixture consisting mainly of hydrogen, carbon monoxide, and 

carbon dioxide can be made by gasification of lignin, or biomass. Syngas can be 

used for production of methanol/mixed alcohols or green diesel by Fischer-

Tropsch technology. Pyrolysis converts dry biomass to so-called pyrolysis oil, 

which can be used for production of syngas or incorporated into petroleum 

refinery processes. Pyrolysis oils are often prone to oxidation, which makes their 

use for chemicals and fuels problematic. Also other, more recent, technologies 

have been used to prepared fuels from lignin, such as the preparation of green 

diesel from kraft lignin by hydrogenation, followed by fatty acid esterification to 

yield a lignin residue that was soluble in light gas oil.136 The main technological 

challenges gasification and pyrolysis of biomass are process scale-up and 

economic gas purification issues.  
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The majority of the commercial lignin applications that uses lignin as a 

macromolecule is generally of low value. Other application areas are lignin-

based materials and adhesives, in these applications lignin can provide benefits 

to the products.57,137–140 Due to the high amount of hydroxyl groups in lignin a 

common application is to use it as a polyol in different types of polymer 

formulations such as, polyesters via ring opening polymerization (ROP)(Scheme 

5a) or polymerization with dicarboxylic acids (Scheme 5b), in polyurethanes 

(PU) by polymerization with diisocyanates (Scheme 5c). In lignin-based epoxy 

resins that can be prepared by polyether polymerization with ethylene- or 

propylene oxides (Scheme 5d), with epichlorohydrin (Scheme 5e), or 

crosslinking with diglycidyl ethers (Scheme 5f). Chemical modification is often 

used to alter the physico-chemical properties in lignin and to introduce new 

chemical functional groups and to increase the chemical reactivity. To increase 

the reactivity of technical lignin it can be necessary to prepare aliphatic hydroxyl 

groups by reacting the phenolic hydroxyl groups with epoxides (Scheme 5d) or 

to introduce amine groups via, for example the Mannich reaction (Scheme 5g). 

Lignin have also been used to partially substitute phenol in phenol-

formaldehyde resins (PF), mainly for adhesive applications. The formation of the 

PF occurs by reacting the free 3- and 5-position in lignin aromatic ring with 

formaldehyde (Scheme 5h). As these positions are often blocked by methoxy 

groups or have reacted by condensation reactions, lignin is often derivatized by 

phenolation (Scheme 5i) to increase its reactivity. Lignin can also act as a co-

polymer in graftpolymers where e.g. methyl methacrylate or styrene is grafted 

to lignin by radical polymerization. It can be necessary to functionalize the 

hydroxyl groups with polymerizable groups to facilitate the polymerization. 

Blending lignin, or as a substitute, with other polymers (e.g. polyolefins, vinyl 

polymers, polyesters, polyurethanes etc.) is another possible use of lignin in 

materials or plastics. The main objective of blending lignin with other polymers 

is to incorporate some of its properties to the new material. Besides affecting the 

physical properties of the material lignin has several other beneficial properties 

such as high thermal stability, antioxidant activity, absorbance of UV irradiation, 

antimicrobial activity and as a biomolecule it can possibly enable 

biodegradability in materials. To form miscible blends lignin needs to be 

compatible with the blended polymer, which can be problematic in non-polar 

polymer matrices. This can be overcome by increasing the compatibility by 

chemically functionalizing lignin by etherification (Scheme 5j) (e.g. methylation 

or ethylation) or esterification (Scheme 5b) (e.g. acetylation). Lignin can  be used 

as a low-cost carbon fiber precursor, which opens up the possibility of utilizing 

large volumes of lignin for high-value materials.141 Carbon fibers are currently 

manufactured from polyacrylonitriles (PAN) and while these fibers are of 
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excellent quality, the manufacturing costs limit the application areas. Carbon 

fiber made from lignin cannot compete with high end-applications of PAN carbon 

fibers, however, low-cost carbon fiber materials can find uses in for example the 

automobile industry. 

 

Scheme 5. Examples of lignin modification reactions. 

The depolymerization of lignin into fuels and chemicals is one of the most 

promising ways of utilizing lignin.142–145 This is a sustainable alternative to the 

petrochemical industry and a wide variety of depolymerization strategies have 

been employed e.g., acid/base catalyzed depolymerization, thermal (pyrolysis, 

gasification), hydrotreatments (reductive), oxidative and biochemical 

degradation. Some of the most desirable depolymerization products are so-

called BTX aromatics, these compounds are produced from petroleum so there 

is an existing infrastructure for further valorization into products. Production of 

other types of lignin-based monomers (e.g. propyl guaiacol, vanillin) with 

greater structural complexity than BTX aromatics are also investigated. 

Applications of these types of compounds could be the same as other lignin 
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applications (epoxy resins, polyurethanes, or PF resins) but also starting 

materials for novel types of polymers and products. 

1.8. Recent trends in lignin research 

1.8.1. Lignin first 

In the carbohydrate-oriented philosophy of traditional lignocellulosic 

biorefinaries, lignin has been seen as a waste product that impedes the efficient 

valorization of carbohydrate fraction(s). In these conventional biomass 

fractionation processes the native lignin is depolymerized and repolymerized 

into technical lignin, that has generally greatly reduced amounts of alkyl aryl 

ether linkages and increased linkages bonded by C-C bonds. As there are a broad 

range of application areas for lignin, there are also possibilities for valorization 

of technical lignin, however, condensation of lignin will greatly interfere with 

effective depolymerization of lignin into fuels and chemicals. To circumvent this 

problem different strategies, that consider the lignin fraction when fractionating 

the biomass, have been employed. One such strategy is to fractionate biomass 

under mild conditions, often with organosolv processes, to preserve the native 

β-O-4 linkages. The drawback with this type of “passive preservation” is the 

generally low yield of lignin. Another emerging strategy are so-called “lignin 

first”, or active stabilization strategy.146,147 This strategy aims to disassemble 

lignin prior to carbohydrate valorization by actively preventing the 

condensation of lignin during biomass fractionation. This is performed by so-

called reductive catalytic fractionation were the lignin is solubilized, 

depolymerized, and the reactive intermediates are reductively stabilized to yield 

a depolymerized lignin oil. The technique still needs to be refined and overcome 

certain limitations such as separation of the catalyst from the de-lignified pulp. 

Another strategy to avoid the repolymerization, and is also considered a “lignin 

first” strategy, is to block the reactive benzylic positions with a protecting group 

during the pre-treatment.148,149 Aldehydes have been used to stabilize the α,γ‐

diol group as a cyclic acetal during an organosolv-type pre-treatment of beech 

and birch wood, with a subsequent second depolymerization step to yield 

monomers in high yields. The main limitations with the method is the use of 

aldehydes and possible side reactions. 

1.8.2. Biomass sources 

The biomass itself can be genetically engineered to produce lignin that is more 

susceptible to depolymerization under mild conditions. This is accomplished by 

up- or downregulating genes in the phenylpropanoid pathway, this way they can 

for example grow softwoods with only S-units, which avoids condensation on the 
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5-position, or plants with unconventional lignin monomers such as C-lignin or 

zip-lignin (Figure 14).150–152 

 

Figure 14. a) C-lignin and b) zip-lignin. 

1.8.3. Lignin modification and novel applications 

As many novel applications rely on chemical modification of lignin, new types of 

derivatization methods are being developed, one such example is the lignin 

palladium-catalyzed telomerization reaction developed by Dumont et al. 

(Scheme 5k),153 but some of the most promising modification methods in 

preparing lignin-based materials is lignin co-polymerization.154 In lignin graft 

polymers the lignin macromolecules act as macromonomers and there are two 

general methodologies used for their preparation: “grafting from” and “grafting 

to”. In the ‘‘grafting from” technique, lignin is used as macro-initiator for the 

polymerization and usually monomers react with functional groups on lignin 

(e.g. hydroxyl groups) and the polymer chain is assembled on the lignin core. 

Ring opening polymerization Scheme 5a), radical polymerizations and atom 

transfer radical polymerization (ATRP) can be used for “grafting from” method. 

It can be difficult to control radical polymerizations, but ATRP has largely 

overcome these limitations by esterifying an initiator (Scheme 5l) to the lignin 

from where the monomers can be grafted (Scheme 5m). In the “grafting to” 

method the polymer chain is synthesized first and is then grafted to the lignin 

core. The coupling between the polymer chain and lignin can be done with e.g. 

Cu(I)-catalyzed azide-alkyne cycladdition or via boronic acid functionalized 

polymers that are linked with cyclic boronate ester bonds to the lignin core. 

Lignin-based smart materials are emerging as next generation of value-added 

applications and chemical modification of lignin has been a key step in the 

material preparation. In a recent review, Moreno and Sipponen identified 

sensors, biomedical systems, and shape-programmable materials as promising 

applications areas for lignin-based smart materials.155  
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1.8.4. Structure-property relationship 

A common trend in lignin research is to establish its structure-property 

relationship. This is often done by fractionation of lignin into more defined and 

homogeneous fractions that can then be tested individually for 

applications.156,157 The fractionation can be done by membrane filtration, pH- or 

solvent fractionation, and is often based on molecular size but the different 

fraction can be enriched with certain functional groups.158 Another way of 

reducing the heterogeneity of lignin is by transforming the crude lignin into 

lignin nanoparticles with uniform size and shape. This is an emerging field that 

shows great promise in utilizing lignin and in application development. There 

are different ways of producing lignin nanoparticles (e.g. anti-solvent 

precipitation, acidification, interfacial crosslinking, etc.) and they can be used in 

a wide range of industrial applications e.g. dispersants, emulsifiers, coatings, 

adhesives and composites.159 Another application field for lignin nanoparticles 

are biomedical applications where the lignin nanoparticles act as capsules for 

biologically active substances. These carrier systems can be used for plant 

protection, nanomedicine, and biocatalysis applications.160 

1.9. CH-Bioforce biorefinary process 
The lignin that was investigated in this thesis originates from a novel biorefinery 

process. The process uses pressurized hot water extraction (PHWE) followed by 

mild alkali pulping for the biomass fractionation on a pilot plant scale (Scheme 

6).161,162 A key feature is its ability to isolate high purity extract of polymeric 

hemicellulose and can as such be considered a “hemicellulose first” biorefinery. 

The extract is isolated in high concentrations from the cellulose fibers, with 

absorbed lignin, by PHWE. The extraction water is circulated in the reactor in 

order to more efficiently remove impurities, to reduce the amount of water 

needed, to enable the lignin to be absorbed on the fibers, and to prevent 

degradation of the structural components. The circulating loop also enables the 

process to proceed under mild conditions (temperature ~150°C, pressure ~8 

bar and pH ~4.5-5), and by using the same extract multiple times increases the 

concentration. The removal of all of the oxygen from the reactor, especially from 

the pores of the biomass is crucial for the process efficiency, as it reduces 

oxidation and subsequent degradation of the hemicelluloses and lignin. This is 

done by reducing the pressure in the reactor and by adding oxygen scavenger(s) 

to the aqueous solution prior to heating. Lignin can then be extracted from the 

remaining fibers once the hemicelluloses have been separated. This is performed 

by first displacing the hemicellulose extract with plain water, adding an oxygen 
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scavenger, heating the reactor, and then adding the pulping chemical in a single 

dose. The pulping process also proceeds at mild conditions (temperature 

~150°C, pressure ~6-7 bar and pH ~13) using NaOH as pulping chemical and the 

liquid phase is circulated during the extraction to more efficiently separate lignin 

from the cellulose fibers. The remaining black liquor is then membrane filtered 

to remove inorganics and is concentrated. It is from the remaining concentrated 

liquid that the investigated lignin was isolated and analyzed. The biorefinery 

process has all the features expected from a modern biorefinery such as 

environmentally benign (using low amounts of water at relatively mild 

temperatures, and NaOH as pulping chemical) and uses all of the structural 

components in the biomass. Hemicelluloses are often fragmented during other 

types of biomass fractionation conditions to smaller carbohydrate fragments 

or/and to toxic compounds. Purity and low concentration extract is another 

problem for similar types of fractionation technologies but this technology yields 

pure polymeric hemicelluloses as a platform chemical.163 The cellulose fraction 

from the process is also isolated in high purity without impurities and excessive 

degradation.  

 

Scheme 6. Schematic flow-chart of the CH-Bioforce biorefinary process. 
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1.10. Objectives of this thesis 
The key objective of this thesis has been to perform an in-depth structural 

characterization of lignins isolated from the modern biorefinery process 

developed by CH-Bioforce Oy. In this thesis, lignin from hardwood and softwood 

was analyzed, but straw and other waste products have been successfully 

fractionated using the same technology. As both carbohydrate fractions are 

isolated in high yields and purity, new high-value applications are being 

developed for these fractions, however, this thesis will not focus on the 

carbohydrate fractions, nor the process. As the lignin was supplied in the black 

liquor, the first objective was to develop a protocol to isolate the lignin from the 

other organic and inorganic impurities. A wide variety of analysis methods were 

to be used to investigate the structural features of the isolated lignin (i.e. HPSEC, 

pyrolysis GC-MS, pyrolysis-THM-GC-MS, GC-MS, elemental analysis, 

carbohydrate content, methoxy group quantification, TGA, FTIR) but with a focus 

on advanced NMR-techniques (i.e. 13C NMR, 31P NMR, HSQC, and DEPT 

experiments). Besides using established NMR-techniques for quantifying and 

characterizing lignin, another objective was to explore the possibilities for 

method development of the NMR-techniques. Simple chemical modification was 

also to be used to assist with the analysis and characterization of the lignin. 

Another objective was to investigate the possibility to fractionate the lignin into 

more homogeneous fractions with simple solvent fractionation. Structural 

properties of these fractions, as well as other isolated fractions, were also to be 

investigated. A secondary objective was to acquire broader knowledge of so-

called condensed structures that can form during these types of processes. This 

knowledge should hopefully not be limited to the investigated lignin but also 

applicable to lignin from other types of processes.       
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2. Experimental 

2.1. Materials and fractionation methodologies 
Chemicals were purchased from commercial sources if not stated otherwise and 

used without further purification. Milled wood lignin was prepared according to 

a previously published procedure.164 The phosphitylation agent 2-chloro-4,4,5,5-

tetramethyl-1,3,2-dioxaphospholane (TMDP) was purchased from commercial 

sources or prepared according to the  literature procedures.102,165 

2.1.1. CH-Bioforce biorefinery 

Wood chips of Norway spruce (Picea abies), Scots pine (Pinus sylvestris) or silver 

birch (Betula pendula) were first extracted at oxygen starved conditions with hot 

water to remove the hemicelluloses. The remaining fibers were further cooked 

with NaOH, also at oxygen starved conditions, to give the black liquor that was 

separated from the pulp (i.e. the cellulose fibers). The black liquor was then 

concentrated, and the dry content of the lignin solution was 19.3% at pH 12. 

2.1.2. Lignin precipitation and MTBE fractionation (papers I & II) 

The lignin was precipitated from the black liquor by addition of 1 M HCl until the 

pH was 2.5. The lignin was then collected either by careful filtration or by 

centrifugation. The lignin cake was then washed and collected five times with 

water acidified to pH 2.5 with HCl. After the final wash the lignin slurry was 

extracted 10 times with MTBE. Both the insoluble lignin fraction and the MTBE-

soluble fraction was dried and analyzed.  

2.1.3. i-PrOH fractionation (paper II) 

The dried MTBE insoluble fraction (1.0 g) was stirred with i-PrOH (40 mL) for 1 

h and then centrifuged. After centrifugation the i-PrOH was decanted off and the 

process was repeated 10 times. The i-PrOH insoluble and i-PrOH soluble 

fractions were collected separately, dried, and analyzed. 

2.2. Chemical modifications and synthesis 

2.2.1. Acetylation of lignin (papers I & II) 

Lignin (100 mg) was dissolved in pyridine (1.0 mL) and acetic anhydride (1.0 

mL) was added. The mixture was stirred in darkness for 3 days before the 

reaction mixture was cooled and quenched by addition of MeOH and evaporated 

under reduced pressure. The crude product was re-dissolved in CHCl3, extracted 

three times with 0.1 M HCl, twice with water, dried with Na2SO4, and finally 

concentrated under vacuum with isolated yields over 90%. 
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2.2.2. Methylation of lignin (paper II) 

A previously reported method for methylation of the phenolic hydroxyl groups 

was used.166 In short, the lignin (1.0 g) was dissolved in 0.7 M NaOH (15 mL) and 

Me2SO4 (0.95 mL, 10.0 mmol) was added. The mixture was stirred for 30 min at 

room temperature followed by 2 h at 80 °C while 0.7 M NaOH was continuously 

added to keep the solution alkaline according to the procedure. The amounts of 

Me2SO4 were calculated from the total amount of free phenolic groups from the 
31P NMR analysis, approximately 2.5–3.0 equivalents of Me2SO4 per phenolic 

hydroxyl group was used in this work. 

For the complete methylation the lignin (2.0 g) was dissolved in dry DMF (30 

mL). An appropriate amount of 60% NaH in mineral oil (5 equivalents with 

respect to the total amount of free hydroxyl groups) was measured and washed 

three times with hexane. The NaH was then stirred to a suspension with 10 mL 

dry DMF and added dropwise to the lignin solution on ice bath. The methylation 

agent MeI (5 equivalents) was then added dropwise. After 16 h the reaction was 

cooled on an ice bath and the excess NaH was quenched by addition of MeOH. 

The solution was then poured into a large volume of water and acidified to pH 

2.5 with 1M HCl. The lignin was collected by filtration and was purified twice by 

stirring the mixture in acidified water (pH 2.5) and filtering in between. After the 

final filtration the cake was thoroughly washed with distilled water and freeze 

dried prior to analysis. 

2.2.3. Synthesis of model compounds (papers IV) 

The synthesis of the model compounds used previously developed 

methodologies. The lithiation reactions were performed according to Costa and 

Saa.167,168 The etherification of syringyl alcohol and subsequent bromination was 

done according to the procedure of Ellerbrock et al.169 The bromination of 

syringyl aldehyde was performed according to Davidson and Barker170 and the 

methodology for the Suzuki coupling to yield the phenylic products was done 

according to Priestley et al. 2013.171 

2.3. Characterization methods 

2.3.1. High-performance size exclusion chromatography (papers I & II) 

Molar-mass characteristics were analyzed using a Shimadzu HPLC system (SCL-

10AVP system controller + DGU-14A on-line degasser + FCV-10ALVP low-

pressure gradient valve + LC-10ATVP HPLC pump + SIL-20AHT autosampler + 

CTO-10ACVP column oven) equipped with a sequentially connected guard 

column (50 mm × 7.8 mm) and two Jordi Gel DVB 500A (300 mm × 7.8 mm) 

columns in series. Eluent: THF with 1% acetic acid, flow rate: 0.8 mL/min, 
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column oven temperature 40 °C. Injection volume of the autosampler was 50 μL. 

Detector: LT-ELSD detector (SEDEX 85 LF Low-Temperature Evaporative Light 

Scattering Detector. Detector parameters: HPLC nebulizer, 40 °C, air pressure: 

3.5 bar, gain 3, no-split mode. Column calibration was performed using Mono-

Disperse Polystyrene Standards.  

2.3.2. Gas chromatography-mass spectrometry (GC-MS)(paper I) 

The individual compounds were identified by GC–MS by comparing with the 

commercial Wiley 10th/NIST 2012 database and in-house spectral database. The 

methods, instrumentation and derivatization of the different GC and GC–MS 

analysis have also been described elsewhere.172,173 

2.3.2.1. Carbohydrate content (paper I) 

The carbohydrate content was analyzed by GC after acid methanolysis and 

silylation, approximately 10 mg of samples were depolymerized by the addition 

of 2 mL 2 M HCl in anhydrous methanol. The samples were kept at 100 °C for 5 h 

before cooling to room temperature and neutralized with pyridine. A calibration 

solution containing equal amounts of the sugar monomers and uronic acids 

(except 4-O-MeGlcA) was also subjected to acid methanolysis under similar 

conditions. Additionally, 4 mL of methanol solution containing the internal 

standard sorbitol (0.1 mg/mL) was added to the samples. To exclude fibers 

during analysis, 1 mL of clear solution was then transferred to a test tube and 

evaporated to dryness. The dry samples were silylated and analyzed by GC-MS 

on a 25 m x 0.20 mm i.d., 0.11 um HP-1 column, according to literature 

procedures. 174,175  

2.3.2.2. Pyrolysis (py)-GC–MS and py-THM-GC–MS (thermally assisted 

hydrolysis and methylation) (paper I) 

The py- and THM-GC–MS analyses were performed on a foil pulse Pyrola 2000 

pyrolyzer. For py-GC–MS, approximately 100 μg of each sample was applied on 

the Pt filament and the samples were pyrolyzed at 650 °C for 2 s. For THM-GC-

MS approximately 100 μg of each sample was dissolved in 10 μL of 

tetramethylammonium hydroxide (25% in methanol), whereafter the solution 

was added to the Pt filament and pyrolyzed at 380 °C for 2 s. The py-GC–MS was 

equipped with a 25 m x 0.20 mm i.d., 0.11 um HP-5 column.  

2.3.2.3. Short column GC-MS analysis (papers I) 

The composition of the MTBE-soluble fraction was analyzed using a short 

column GC, 6 m x 0.530 mm i.d., 0.15 um HP-1/SIMDIS column. For the 
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quantitative analysis by GC-FID, a solution containing internal standards was 

added before silylation.  

2.3.3. Methoxy groups determination (paper I) 

The determination of methoxy groups was done according to literature 

procedure.176 The lignin sample (∼5 mg) and the internal standard 4-

methoxybenzoic acid-d3 were added to a headspace vial provided with a 

magnetic stirring bar. Hydroiodic acid (aq.) (1 mL, 57%) was added to the 

mixture and the vial was closed with a cap and heated at 130 °C under stirring. 

After 1 h the sample was allowed to cool to room temperature and the excess HI 

was neutralized. Headspace GC-MS analyses were performed on an Agilent 

5890 N gas chromatograph (DB-5 ms column 30 m × 0.25 mm) coupled with an 

Agilent 5975B inert XL mass selective detector. Helium was used as a carrier gas 

with a constant column flow of 1 mL/min. The method was calibrated by 

responses from methyl iodide and deuterated methyl iodide obtained from 

vanillin and known amounts of the internal standard 4-methoxybenzoic acid-d3. 

2.3.4. Elemental analysis (papers I & II) 

Elemental analysis was performed on a FLASH 2000 organic elemental analyzer 

using cysteine and sulfanilamide as standards.  A sample size of 2 mg; 950 °C 

reactor temperature; He gas carrier (140 L/min); O2 oxidizer (250 L/min); 

during 6 min for CHNS-combustion. For O-pyrolysis (paper I): sample size of 2 

mg; 1060 °C reactor temperature; He gas carrier (140 L/min). The oxygen 

content (paper II) was calculated by subtracting the sum of carbon, hydrogen 

and nitrogen from 100%. Quadruplicates of each sample were analyzed in paper 

I and triplicates of each sample in paper II. 

2.3.5. Fourier transform infrared spectroscopy (FTIR) (paper I) 

The FTIR spectra were recorded on a Bruker Alpha FTIR instrument using 

attenuated total reflection mode. The spectra were collected in the absorbance 

range from 4000 to 400 cm−1 over 32 scans per sample, at a resolution of 4 cm−1  

2.3.6. NMR spectroscopy (papers I-IV) 

All the NMR experiments were performed at 298 K in DMSO-d6 on an AVANCE 

III spectrometer operating at 500.13 MHz for 1H, 125.77 MHz for 13C and 202.46 

MHz for 31P. The spectra were processed using Topspin 3.5 software. 

2.3.6.1. 13C NMR spectroscopy (papers I & II) 

Sample preparation and parameters used for quantitative 13C NMR in Paper I: To 

150 mg lignin dissolved in 0.39 mL DMSO-d6 0.1 mL of a trioxane internal 

standard (IS) stock solution in DMSO-d6 (0.15 g/mL) and 0.06 mL of a stock 
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solution of Cr(acac)3 in DMSO-d6 (50 mg/mL) was added. This yielded a 0.016 M 

concentration of the relaxation agent to ensure complete T1 relaxation according 

to published methods.81 To ensure an accurate baseline, the spectra were 

recorded in the interval of 240-(-40) ppm according to Balakshin and 

Capanema.94 A 1.4 s acquisition time and a 1.7 s relaxation delay were used. A 

total of 75,000 scans were collected. The solvent peak was used for calibration. 

The 13C-NMR DEPT-90 experiment was calibrated to remove artefacts before 

sample measurements. 

Quantitative 13C NMR parameters used in Paper II: The quantitative 13C NMR was 

measured with a spectral width of 35,714 Hz, 2 s acquisition and a 10 s relaxation 

delay with the Bruker pulse program zgig.  

2.3.6.2. 2D HSQC NMR spectroscopy (papers I & II) 

For quantification of the lignin linkages in paper I the Bruker’s pulse program for 

adiabatic pulses for inversion and refocusing “hsqcetgpsisp.2” with a spectral 

width of 8012 Hz (from 0 to 16 ppm) and 20575 Hz (from 0 to 165 ppm) for the 
1H- and 13C-dimensions was used. A 1.5 s recycle delay and 72 scans were 

collected. The quantification was done using the approach to combine 

quantitative 13C NMR and HSQC suggested by Zhang and Gellerstedt.116 A relative 

integration value is obtained from 2D HSQC by integrating the well-separated 

peaks and dividing that with the total integration of the region (for each typical 

linkage). Once the relative quantification was determined by HSQC the different 

linkages was multiplied by the integral of the cluster region in the quantitative 
13C NMR spectrum. The integral for the total aromatic carbons was set to 600 and 

compared with the integral values for the specific region cluster giving the 

amount of linkages per 100 aromatic moieties.  

Linkage % = 2D(linkage) / 2D(linkage cluster) * 13C(linkage cluster) / 13C(163-

101) * 600 

Where the linkage % is the integration of Cα, Aoxβ, Dα, Bα, Aβ (S and G), Yα and Eγ 

and the region cluster was δC/δH (90.0-78.0/6.0-2.5). The integration value of Bα 

and Eγ was divided by two due to the symmetrical nature of the resinol structure 

and due to Eγ being a CH2. The total aromatic integral value was set from 101.0 

to 163.0 ppm. In paper II the HSQC experiment used the Bruker’s pulse program 

“hsqcedetgpsisp2.3 for multiplicity edited with a spectral width of 8012 Hz (from 

0–16 ppm) and 30,182 Hz (from 0–220 ppm) for the 1H- and 13C-dimensions. A 

semi quantitative method was used for calculating the amounts of lignin linkages 

by using the C2-H integral as internal standard (IS). For qualitative HSQC analysis 
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experiments the multiplicity edited HSQC pulse program “hsqcedetgpsisp2.3” 

was used. 

2.3.6.2. 31P NMR spectroscopy (papers I & II) 

A common standard protocol was used for 31P NMR sample preparation.83 To a 

solution of 20 or 40 mg lignin in a 0.4 mL mixture of pyridine and CDCl3 (1.6:1, 

v/v) 0.100 mL of a IS solution (0.12 M) was added. After thorough stirring, 0.1 

mL of phosphitylation reagent TMDP and 0.050 mL of a Cr(acac)3 solution (11.4 

mg/mL) was added, and the sample was stirred at room temperature before 

transferred to a NMR tube. The 31P NMR measurements were collected with a 

total of 500 scans with a 1.0 s acquisition time and a 5.0 s relaxation delay in 

paper I and with a 2.0 s acquisition time and a 5.0 s relaxation delay in paper II. 

The spectra were calibrated using the signal of the water-derivatized signal at 

132.2 ppm. Cyclohexanol or N-hydroxy-5-norbornene-2,3-dicarboxylic acid 

imide (e-HNDI) was used as internal standard.  

2.3.6.3. 31P NMR spectroscopy (paper III) 

The 31P NMR measurements were carried out using a standard 90° pulse 

program with inverse-gated decoupling (Bruker’s pulse sequence zgig), and the 

90° pulse was optimized by determining the pulse length corresponding to the 

360° pulse and dividing it by four or by using Topspin’s automatic pulse 

calibrating program pulsecal p31.  

Receiver gain (rg) value of 203, line broadening (lb) of 5 Hz, and 32 acquired 

scans between 117.2 and 166.5 ppm were used for the experiments. Tuning and 

matching of the probe was carried out automatically using the atma exact 

command for more accurate results. The chemical shifts of the 31P NMR spectra 

were calibrated using the signal of the water-derivatized product at 132.2 ppm. 

Baseline corrections were performed automatically and phase corrections 

manually.  

Receiver Gain. The correlation between signal intensity and receiver gain was 

investigated by analyzing a sample with increasing rg values from 1 to 203. 

T1 Relaxation Times. The T1 relaxation times were measured using a standard 

inversion recovery experiment (Bruker pulse sequence t1ir). Triphenyl 

phosphate (TPP). When recording spectra of Bruker’s 31P standard (0.0485 M 

triphenyl phosphate in acetone-d6), a longer relaxation delay (30 s) was used to 

accommodate the slower relaxation of the sample. The spectra were recorded 

between −45 and 5 ppm (in order to simplify the calculations the spectral width 
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was the same as for all other experiments, even though this is much wider than 

needed for the TPP sample).  

90° Pulse. The 360° pulse was found using the parameter optimization (“popt”) 

module in TopSpin. Once an approximate pulse length of 360° pulse was 

established, e.g., by initially using the pulsecal p31 program or by measuring a 

broader pulse length range, the popt module was set up to record one spectrum 

with a slightly too short pulse (with negative peaks) and one with a slightly too 

long pulse (with positive peaks). The actual 360° pulse, ideally with no peak, was 

interpolated from these two spectra. The reason why a 360° was sought instead 

of directly calibrating the 90° pulse is that the point when the signal crosses from 

negative to positive is easier to determine than the point where the signal is at 

maximum intensity. Additionally, radiation damping can cause asymmetry and 

phase distortion problems in the nutation curve, making the direct 

determination of a 90° (or 180° or 270°) pulse unreliable. To automate the 

calibration of the 90° pulse for iconnmr, the acquisition AU program au_zg was 

modified by adding a line XCMD(“pulsecal p31”) before the RGA line. The 

pulsecal program was found to consistently give pulses that were approximately 

10−12% longer than the manually obtained 90° pulses, resulting in a 10−12% 

deviation in the flip. Since the signal strength is inversely proportional to the 

length of the 90° pulse, and the flip angle is directly proportional to the pulse 

length, the exact flip angle is not important, as long as it is consistent. Therefore, 

the pulsecal au program can be used for automating the PULCON methodology. 

Using a pulse that is not 90° will, however, result in lowered sensitivity, but even 

a deviation of 10° from the optimum value results in less than 2% signal loss.  

Sample Preparation for 31P NMR Spectroscopy. A known amount of lignin (20 

mg) or vanillyl alcohol (1, 2, 5, 10, 15, and 20 mg, respectively) was dissolved in 

a 400 μL of a mixture of pyridine and CDCl3 (1.6:1, v/v). To this solution, 100 μL 

of e-HNDI IS solution (0.12 M, in pyridine and CDCl3 1.6:1 v/v) and 50 μL of a 

Cr(acac)3 solution (11.4 mg/mL in pyridine and CDCl3 1.6:1 v/v) were added. 

After thorough stirring, 100 μL of TMDP was added, and the sample was stirred 

at room temperature for 75 min before being transferred to an NMR tube and 

measured.  

Sample Preparation for the verification of the automated procedure. The 

automated protocol was performed in triplicate for the birch and pine lignin as 

follows: The lignin (20 mg) was dissolved in 500 μL of a mixture of pyridine and 

CDCl3 (1.6:1, v/v) and 50 μL of a Cr(acac)3 solution (11.4 mg/mL). After thorough 

stirring, 100 μL of TMDP was added, and the sample was stirred at room 

temperature for 1 h before being transferred to an NMR tube. The samples were 
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put in an autosampler and queued for measurement using Bruker’s iconnmr. The 

90° pulse was calibrated for each sample using the AU program pulsecal prior to 

the 31P NMR measurements.  

2.3.7. Thermogravimetric Analysis (TGA) (paper II) 

TGA was carried out using a STA 409 PG/1/G in the range of the temperature 23 

to 600 °C at a rate of 10 °C/min under N2 atmosphere. As the different samples: 

unmodified lignin, acetylated lignin, and lignin with methylated phenolic groups 

had different workup procedures prior to drying under vacuum, the 100 wt% 

was set to the value when the samples had been heated to 120 °C during the 

analysis. Any prior weight losses correspond to the loss of moisture or volatile 

compounds, and it was concluded that at ~120 °C the weight loss had stabilized 

based on differential thermal analysis (DTG). To study the possible deacetylation 

two samples, unmodified pine lignin and acetylated pine lignin, was dried under 

vacuum at 60 °C over one week to ensure removal of any traces of acetic acid and 

then analyzed by TGA. The samples were also preheated to 100 °C and cooled 

prior to analysis to ensure removal of moisture that could have been absorbed 

on the lignin during transfer to the instrument.  

3. Results and discussion 

3.1. Isolation of lignin 
To develop a lignin precipitation protocol, lignin was precipitated from the black 

liquor at pH 6.0, 5.0, 4.0, 3.5, 3.0, and 2.5, by addition of 1 M HCl, followed by 

centrifugation and decanting of the water phase. Precipitated lignin was then 

washed with water with the same pH as in the precipitation step. The precipitate 

was collected by centrifugation and the washing procedure was repeated four 

times. Precipitation at pH 2.5 yielded the largest amount of lignin, 12.4 wt% of 

the black liquor. Based on HPSEC analysis there were only small differences in 

the molar masses, but low molar mass lignin was also precipitated at a lower pH. 

The ash content for the lignin precipitated at pH 2.5, after four washes, was 

0.15% according to TAPPI standard T 211 om-02. As such the protocol for 

precipitating lignin and subsequent wash was concluded to occur at pH 2.5 to 

yield the maximum amount of lignin. 

3.1.1. Purification and solvent fractionation 

Extractives and other organic impurities that could affect the analysis results 

were removed from the lignin. This was performed by extracting the final slurry 

from the precipitation and washing steps, with MTBE. This yielded MTBE 

insoluble lignin, referred to BLN lignin in this text, and a low molar mass MTBE-
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soluble fraction. Approximately 15-20 wt% of the crude lignin was extracted by 

MTBE. The dried MTBE insoluble lignin could be further fractionated by stirring 

with i-PrOH to yield an insoluble high molar mass fraction (70 wt%) and a 

soluble medium molar mass fraction (30 wt%) (Scheme 7).  

 

Scheme 7. Lignin precipitation, purification, and fractionation protocol. 

3.2. Chemical composition and molar mass 
To determine the structural changes that occurred during the fractionation 

process, the lignin (birch, spruce, and pine) was compared to MWL lignin, which 

was extracted from wood chips from the same wood species. As seen from (Table 

1) the MTBE-soluble fraction mainly contained low molar mass compounds and 

as such did not remove excessive amounts of polymeric lignin. The molecular 

mass of all the lignin was all below 10 kDa, which can be considered relatively 

small and with a narrow dispersity (Đ) compared to other technical lignins.177 

The softwood lignins were fractionated with i-PrOH and the soluble fraction 

contained a low molar mass lignin fraction with low Đ. The number average (Mn) 

molecular mass was similar between the BLN lignin and MWL, which indicates 

that there might have been some degradation of the MWL during the milling 

process. The carbohydrate content in birch lignin was analyzed by methanolysis 

and it only consisted of small amounts of carbohydrates (~1% wt%), mainly 

xylans. MWL contained a larger amount of hemicelluloses that should be taken 

into consideration when comparing the lignin (~8% wt%).  
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Table 1. Molar mass of the different lignin fractions determined by HPSEC. 

Lignin Mn [g/mol] Mw [g/mol] Đ 

Birch MWL 3300 4200 1.3 

Birch BLN 3000 5300 1.8 

Birch MTBE 900 1700 2.0 

Pine MWL 1500 2700 1.7 

Pine BLN 3200 6700 2.1 

Pine MTBE 400 500 1.3 

Pine iPrOH ins. 4200 8000 1.9 

Pine iPrOH sol. 900 1500 1.7 

Spruce MWL 2100 3000 1.5 

Spruce BLN 2100 5600 2.7 

Spruce MTBE 500 600 1.2 

Spruce iPrOH ins. 3800 7000 1.9 

Spruce iPrOH sol. 900 1200 1.3 

 

The elemental analysis showed an enrichment of carbon and decrease of oxygen 

in the BLN lignin compared to the MWL lignins (Table 2). This trend is consistent 

with published results of birch MWL and kraft lignin178 and can be partially 

explained by the higher amount of carbohydrates in the MWL, but mainly by the 

cleavage of the lignin alkyl side chains and subsequent condensation reactions. 

An important feature of the lignin is the lack of sulfur that possesses unwanted 

properties that limit the use of the lignin, which is the case for kraft lignin. 

Volatile sulfur-containing compounds acts as air pollutants and the unwanted 

odor can make it incompatible as an additive in polymers.179 Sulfur can poison 

certain catalysts, which limits the possibilities for depolymerization, and sulfur 

contaminants can have a negative effect on lignin based carbon fibers180,181 FTIR 

analysis of the birch lignin revealed an increase of carboxylic acids in the BLN 
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lignin by a band at 1697 cm-1, while two separate bands were observed at 1725 

and 1656 cm-1 from carbonyl groups in the spectrum from MWL. The BLN 

contained approximately 8% less methoxy groups compared to the MWL. While 

demethylation is common in kraft pulps, due to their usage of NaS2, it has been 

shown that it occurs during pressurized hot-water extraction as well.182   

Table 2. Elemental analysis of MWL and BLN lignin. 

 C (%) H (%) S (%) N (%) O (%) 

Birch MWL 58.5 6.6 0.0 0.1 33.0 

Birch BLN 64.9 6.2 0.0 0.4 27.1 

Pine MWL  60.6 5.9 0.0 0.2 33.3 

Pine BLN 67.2 6.0 0.0 0.1 26.7 

Spruce MWL  59.5 5.7 0.0 0.1 34.7 

Spruce BLN 66.5 5.8 0.0 0.0 27.6 

Lignoboost softwood29 65.1 5.8 2.5 0.1 27.5 

Birch kraft lignin178 62.5 6.0 2.4 - 27.8 

 

3.2.1. Py-GC-MS and Py-THM-GC-MS 

The S/G ratio of the birch lignin was determined with py-GC-MS and had 

increased in the BLN lignin compared to the birch MWL from 1.8 to 2.2. Due to 

the similarities of the pyrograms and by the fact that the total peak area of the 

BLN is only 25% of the MWL it is a possibility that certain lignin fragments are 

more easily pyrolyzed, as the other analysis methods clearly show structural 

differences between MWL and BLN lignin. This indicates that more intact lignin 

bound together by ether bonds is more easily pyrolyzed and more condensed 

lignin is not detected by the pyrolysis methods. Even after the extensive MTBE-

extraction to remove extractives from the lignin, still approximately 8% of the 

detected Py-THM-GC-MS peaks originated from fatty acids. The applied method 

is not quantitative and incomplete pyrolysis of the BLN lignin would also explain 

the high amounts of fatty acids detected, but it is still indicative of the remaining 

fatty acids having a high affinity to the lignin.  
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3.2.2. 31P NMR 

The amount of free hydroxyl groups in all the different lignin fractions and MWL 

can be seen in Table 3. The amount of aliphatic hydroxyl groups was greatly 

decreased and phenolic hydroxyl groups was increased in the MTBE washed BLN 

lignins compared to the MWL:s. This can be explained by cleavage of the aliphatic 

side chain, condensation reactions and formation of free phenolic hydroxyls 

groups from the cleavage of the aryl alkyl ether linkages, which is consistent with 

the results from the chemical composition analysis. The S/G ratios calculated for 

the MWL and BLN lignins were 1.6 and 3.0, thus in line with the values obtained 

by py-GC-MS, however, the 31P NMR analysis method does not discriminate 

between free hydroxyl groups from 5-condensed- and S-units. In the softwood 

lignin the formation of condensed 5-substituted phenolic structures is seen as 

they are detected separately from the aliphatic hydroxyl groups and phenolic 

hydroxyl groups from G-units. The low molar mass i-PrOH fractionated softwood 

lignins had less aliphatic hydroxyl groups and more phenolic hydroxyl groups 

and carboxylic acids than the insoluble fraction. The increase in phenolic 

hydroxyl groups and carboxylic acids can be explained by the lower molar mass, 

which leads to more units per gram lignin, however, it does seem that the 

aliphatic hydroxyl groups are enriched in the higher molar mass fractions.  

Table 3. Amount of free hydroxyl groups in mmol/g based on 31P NMR analysis. 

Lignin Aliphatic 5-subs G-units Ph-OHtot OHtot. COOH 

Birch MWL 4.5 0.8 0.5 1.2 5.8 0.2 

Birch BLN 1.3 2.8 0.9 3.7 5.0 0.5 

Birch MTBE 0.6 2.9 1.0 3.9 4.6 1.0 

Pine MWL 4.7 0.8 1.2 2.0 6.7 0.3 

Pine BLN 2.2 2.0 1.9 3.9 6.1 0.6 

Pine MTBE 0.7 1.2 2.5 3.7 4.4 1.6 

Pine i-PrOH ins. 1.9 1.8 1.5 3.3 5.2 0.4 

Pine i-PrOH sol. 1.7 1.8 2.3 4.0 5.7 0.8 

Spruce MWL 4.6 0.8 1.3 2.1 6.7 0.2 



46 

 

Spruce BLN 2.2 1.9 1.9 3.9 6.1 0.6 

Spruce MTBE 1.0 1.3 2.3 3.6 4.6 1.4 

Spruce i-PrOH ins. 2.1 1.9 1.6 3.5 5.6 0.5 

Spruce i-PrOH sol. 1.6 1.7 2.1 3.8 5.4 0.8 

OMe Pine BLN 2.0   0.8 2.8 0.7 

OMe Spruce BLN 1.9   0.6 2.5 0.6 

OMe Birch BLN 1.3   0.5 1.8 0.7 

 

3.3. Thermal analysis  
The lignin samples were analyzed by TGA to determine their thermal stability 

and decomposition. To investigate how esterification and etherification affects 

the thermal degradation also acetylated and selectively methylated derivatives 

were analyzed. As the different samples: unmodified lignin, acetylated lignin, and 

lignin with methylated phenolic groups had different workup procedures, the 

100 wt% was set to the value when the samples had been heated to 120 °C during 

the analysis. Any weight losses prior correspond to the loss of moisture or 

volatile compounds, and it was concluded that at ~120°C the weight loss had 

stabilized based on differential thermal analysis (DTG). The decomposition 

starting temperature (Tdst 95%), the maximum weight loss temperature (Tmax) and 

char residue of the samples can be seen in Table 4. Birch lignin had slightly lower 

Tdst 95% and Tmax than the softwoods and all three woods species had the same 

amount of char residue. The methylation of the phenolic groups slightly 

increased the stability of all the lignin samples compared to the unmodified 

lignin, however, the acetylation decreased the stability, which is contradictory to 

other studies.,183 This indicates that the acetyl groups were cleaved or that the 

decrease in mass is due to evaporation of less volatile acetylated compounds. The 

cleavage could also be catalyzed by some impurities, such as minuscule amounts 

of acetic acid from the reaction. To ensure that volatile impurities did not affect 

the lower thermal stability of the acetylated lignin two samples of an acetylated 

lignin and an unmodified lignin were extensively dried under vacuum at 40°C for 

over a week and reanalyzed. While there was a small increase in stability it was 

still lower than the unmodified lignin. Acetylation has been used to increase the 

compatibility with other polymers in blends and as such deacetylation could 

potentially cause degradation of other polymers such as PLA.184 All of the lignin 
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samples had lower Tdst 95% temperatures than normally used processing 

temperatures (~170°C).185 The unmodified lignin had a higher char residue at 

600 °C (wt%) than the methylated and acetylated lignin which could be due to 

the formation of more stable condensed structures in the unmodified lignin with 

free phenolic groups. The unmodified lignin could be a potential carbon source 

for carbon fiber applications due to the relatively high char residue. 

Table 4. Thermal properties of pine, spruce, and birch lignin and their 
acetylated and methylated derivatives. 

 Tdst 95% (°C) Tdst 90% (°C) Tdmax (°C) Char residue1  

Pine 302 347 401 49 

OAc 233 324 398 44 

OMe 317 360 411 48 

Spruce 296 350 401 53 

OAc 198 295 396 46 

OMe 312 359 408 51 

Birch 273 325 386 49 

OAc 234 305 391 42 

OMe 280 339 392 47 

1 at 600 °C (wt%) 

 

3.4. Structural analysis by NMR spectroscopy 
The structural alteration, caused by the process to the lignin, can be seen by 

comparing the HSQC spectrum of the MWLs to BLN lignin (Figure 15 for 

hardwood) and (Figure 16 for softwood). The native lignin linkages are mostly 

cleaved during the process and the remaining amounts of the most common 

linkages (β-O-4, β-β and β-5) can be seen from Table 5. The softwood MWL had 

lower amount of β-O-4 linkages compared to other published studies,65 which is 

in agreement with the molar mass analysis that there has been some degradation 

during the milling process. This degradation is also evident due to the presence 

of   β-O-4'/α-CO (Aox) linkage in the birch MWL. None of the other native lignin 
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linkages (dibenzodioxocin, γ-substituted β-O-4, Spirodienone) or end groups 

(cinnamyl alcohol, cinnamyl aldehyde), that can be detected in the MWLs are 

observed in the BLN lignins. Birch BLN lignin retained more carbohydrates 

compared to the softwood BLN lignin and the carbohydrate correlation peaks 

detected are from xylans, which agrees with the methanolysis results. However, 

no traditional LCC correlation peaks between the carbohydrates and lignin could 

be detected in the samples.186 The process caused formation of aryl glycerol end 

groups in both hardwood and softwood lignin, which is known to form in alkaline 

pulping.187,188 The chemical shifts of aryl glycerol are similar, or overlap, with 

signals from Xyl4, Xyl5 and 2-O-Ac-Xylp, however, due to lack of acetyl groups in 

the BLN lignin and comparing the chemical shift of the unmodified and 

acetylated birch BLN lignin to previously published chemical shifts of lignin and 

xylose it was concluded that it was aryl glycerol end group signals.189–192 Enol 

ethers and stilbenes were also formed during the process and could be detected 

in the aromatic region of the BLN lignin (Figure 17). The aromatic HSQC 

correlation peaks and  13C NMR peaks are considerably broader in the BLN lignin 

compared to the MWL lignin and is typical for processed lignin.193  
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Figure 15. HSQC spectrum of the oxygenated aliphatic area of birch MWL (left), 
birch BLN lignin (right), and structures of lignin linkages and end groups (below) 
CH/CH3 shown as positive (blue) and CH2 as negative (red). 
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Figure 16. HSQC spectrum of the oxygenated aliphatic area of Spruce MWL (left), 
Spruce BLN lignin (right), and structures of lignin linkages and end groups 
(below) CH/CH3 shown as positive (blue) and CH2 as negative (red). 

This can be attributed to increased heterogeneity of the lignin, which can be 

caused by several factors such as formation of non-etherified units due to the 

cleavage of the alkyl-aryl ether bonds. This can be as well seen in chemical shifts 

of model β-O-4 dimeric lignin compounds,79 but it is also evident by comparing 

the 13C NMR spectrum (Figure 9), where the 13C  chemical shifts are generally 

higher for etherified units compared to non-etherified units.104,194 These results 

are in agreement with the results from the 31P NMR, which showed an increase 

of free phenolic hydroxyl groups. Other factors that will affect the chemical shifts 

of the aromatic signals are condensation reactions to the rings and changes to 
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the propane side chain (oxidation, cleavage of C1-Cα etc.).195,196 The S/G ratio was 

calculated from both HSQC and 13C NMR, by comparing the integrals of S2,6 and 

G5,6 in the birch lignins. The more homogenous MWL showed a more consistent 

S/G ratio of approximately 2.7 from both NMR experiments, slightly higher than 

the results from the py-GC-MS and 31P NMR. The S/G ratio of the BLN birch lignin 

was 2.9, calculated from the HSQC spectrum, and a value of approximately 2.0 

when calculated from the 13C NMR. The inconsistency of the S/G ratio can be 

explained by the nature of the more heterogenous BLN lignin, which leads to 

considerably broader signals in the 13C NMR spectrum that can lead to overlap of 

the signals and consequently interfere with the integration values. Any type of 

condensation of the aromatic rings will also affect the ratio due to possible 

changes in chemical shift of the relevant carbons. Difficulties of adjusting the 

baseline in the 13C NMR spectrum will also lead to discrepancies in the 

integration. Some differences between the hardwood and softwoods were that 

guaiacyl propanol and secoisolariresinol could be detected in the aliphatic region 

of both the MWL and BLN softwood lignin but not in the hardwood samples. An 

unidentified structure was also detected in the oxygenated aliphatic region of the 

HSQC spectrum in the BLN softwood lignin (Figure 16). This was deduced from 

inconsistencies in integrals of the α-CH in the aryl glycerol subunits and in one 

of the two γ-CH in the β-β subunit. In the aldehyde region the cinnamyl aldehyde 

moiety and benzylic aldehyde unit could be detected in the softwood MWL but 

in the BLN lignin only the benzylic aldehyde correlation peak remained (Figure 

17).  

Table 5. Amounts (%) of lignin linkages in MWL and BLN lignin.  

 β-O-4 β-β (resinol) β-5 

Birch MWL 49 12 3 

Birch BLN 4 4 1 

Pine MWL 22 6 11 

Pine BLN 2 4 2 

Spruce MWL 20 7 12 

Spruce BLN 1 2 1 
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Figure 17. HSQC spectrum of the aromatic area of Spruce MWL (left), Spruce 
BLN lignin (right), and structures of lignin linkages and end groups (below).  

3.4.1. Condensed structures  

A broad correlation peak, at approximately δC/δH (60/3.8-3.3 ppm), was 

detected in the BLN birch lignin sample but not in the MWL nor in the softwood 

lignin samples (Figure 15). Correlation peaks in this region are normally 

assigned as primary alcohols, such as the γ-CH2OH correlation peak from the β-

O-4 linkage or primary alcohols from carbohydrates. However, due to the small 

amount of α- and β-CH cross-signals the peaks could not be explained entirely by 

γ-CH2OH correlation peaks and seemed to be from a new type of structure 

formed during the process. This anomaly has been observed earlier but has been 

left unidentified or assumed to be from oligomeric or condensed γ-CH2OH 
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units.197–203 The formation of the correlation peak in the examples correlated 

with the pretreatment severity, as high temperatures were needed to form these 

structures in lignin. Multiplicity edited HSQC showed that the correlation peak 

was from a CH/CH3, thus not from a primary alcohol, and chemical modification 

(acetylation or methylation) of the BLN lignin did not affect the chemical shift of 

the correlation peak either. The peak was analyzed with 13C NMR DEPT 

experiments (DEPT-135 and DEPT-90) and based on these measurements it was 

concluded that the peak was a CH3 group. Due to the relatively high chemical shift 

of the CH3 it most probably originated from a methoxy group and not from an 

aliphatic CH3. While the 13C NMR chemical shift of methoxy groups in lignin 

moieties are typically at 56 ppm some uncommon structures in natural products, 

such as the C4-OMe from 5-substituted veratryl units (3,4-dimethoxy substituted 

ring) and the C5-OMe from C6-substituted lignans, have been known to have an 

increased chemical shift (see examples Figure 18a and b).204–207 In both cases the 

methoxy group, with an increased chemical shift, has substituents on both of its 

vicinal aromatic carbons. These types of structures are not naturally occurring 

in lignin but have been shown to form in sulfuric acid catalyzed condensation 

reactions with model lignin compounds (see examples Figure 18c and d).208,209 

The mechanism of these types of condensation reaction have been proposed to 

occur via repolymerization after degradation during autohydrolysis.200,210 The 

same increase in 13C chemical shift of the methoxy group can also occur in C2-

substituted guaiacyl units. This can be seen from a study by Kolehmainen et al.211 

who studied the chemical shifts of chlorovanillins with all possible aromatic 

substitution patterns (mono-, di- and trichlorinated) as well as all three 

monobrominated vanillin analogues. The 13C chemical shift increase of the 

methoxy groups occurred in all instances, and only, when there was substitution 

at the vicinal C2-position (see examples Figure 18e, f, and g). C2-condensation 

was not observed in the BLN softwoods, this might be due to fact that guaiacyl 

units in lignin prefer the more available C5 and C6-positions to C2-condensation. 

A secondary structural feature from this condensation pathway is a benzylic C-H 

between two aryl-units, the chemical shift of this type of benzylic C-H varies 

greatly depending on the chemical environment and while such a correlation 

peak was not detected in the HSQC spectrum, an unidentified C-H peak beneath 

the methoxy peak at 56 ppm was detected in the 13C NMR DEPT 90 experiment, 

which could potentially originate from such a structure. Whether this is the 

mechanism of condensation, or the only type of condensation pathway, cannot 

be concluded from our studies. Considerable amounts of C5-condensation could 

be detected in the 31P NMR spectra of the softwoods and as such most likely both 

ionic and/or radical type mechanisms of condensation are occurring, possibly at 

the Cα, C5, or C6 positions. The shift of the methoxy groups to a higher ppm value 
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was investigated by comparing two different methods that quantified the 

amount of methoxy groups in lignin samples. One method used a published 

procedure that quantified all the methoxy groups in the sample and the other 

was determined by integrating the methoxy group peak in 13C NMR 

spectroscopy, using a trioxane internal standard for quantification. When only 

integrating the methoxy peak at 56 ppm in the 13C NMR method the birch MWL 

gave similar results between the methods but when analyzing the BLN sample 

the 13C NMR method gave approximately 10% less methoxy groups, however, 

when integrating both the peak at 56 ppm and 60 ppm the results were almost 

identical between the methods.  

 

Figure 18. Examples of both natural products and synthetic compounds with 
different types of methoxy groups. Methoxy groups with substituents on both of 
its vicinal aromatic carbons in blue. 

The premise that the chemical shift of a methoxy group is increased if it has 

substituents on both of its vicinal aromatic carbons was investigated by 

methylating the softwood lignin samples. While methylating a guaiacyl unit will 

yield a veratryl unit (3,4-dimethoxy substituted ring), with both methoxy group 

having identical chemical shifts, a guaiacyl unit with a condensed C5-position will 

yield a methoxy group that has substituents on both of its vicinal aromatic 

carbons and should increase the chemical shift of the C4-OMe to 60 ppm. This 
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would leave a similar correlation pattern as the birch sample. A method for 

selectively methylating the phenolic hydroxyl groups was used for the 

modification and to ensure that the formed methoxy group was not an aliphatic 

methyl ether group a different method that methylated all hydroxyl groups and 

acids was also used. From Figure 19 it can be seen, that compared to the starting 

material no other peaks besides the newly formed peak at 60 ppm is altered, 

however, in the fully methylated sample all the correlation peaks, besides the β-

β signals that lack hydroxyl groups, were shifted to a higher 13C chemical shift 

due to the methylation of the aliphatic hydroxyl groups. The methyl ester group 

and the aliphatic methyl ether groups were also clearly detected separately from 

the phenolic hydroxyl groups. 

      

Figure 19. Multiplicity edited HSQC of the oxygenated aliphatic area of 
unmodified pine BLN lignin (left), pine BLN lignin with methylated phenolic 
hydroxyl groups (mid) and fully methylated pine BLN lignin (right). CH/CH3 
shown as positive (blue) and CH2 as negative (red). Image from paper II. 

3.4.2. Model compounds  

To investigate how the substitution at the C6-position affects the chemical shifts 

of the methoxy groups a small library of C6-condensed syringylic model 

compounds was prepared (Figure 20). The synthesized model compounds were 

prepared from either syringyl methoxy methyl or syringyl aldehyde and had 

different substituents (aliphatic, carboxylic, phenylic, two benzylic alcohols with 

different -OMe substitution patterns and brominated) at the C6-position. 
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Figure 20. Structures of lignin model compounds. 

In this way effects of the substitution could be seen and if the increase in chemical 

shift of the methoxy group only occurs with certain substituents. All the model 

compounds were synthesized, except the brominated and phenylated substrates, 

by a methodology developed by Costa and Saa.168 The method proceeds by 

lithiation of the C6-position with n-BuLi prior to the addition of the subsequent 

electrophile. The phenylated compounds were prepared by a Suzuki-coupling 

with phenyl boronic acid and brominated starting materials (Scheme 8).171  

 

Scheme 8. Reaction scheme of the synthesis of 6-condensed model compounds. 
Lithiation (a), bromination and Suzuki-coupling (b).  

From Figure 21 (cluster 2) it can be seen that all C6-substituents caused an 

increase in the 13C chemical shift, to a narrow (60.1-59.5 ppm) range of the C5-

OMe groups vicinal to the C6-substitution. The 13C chemical shifts of the aromatic 
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C3-OMe (Figure 21 cluster 1) δC (56.1-55.8ppm) in the C6-substituted rings were 

largely unaffected by the substitution and the methoxy groups of the aryl side 

chains in compounds Figure 20j (3,5-dimethoxy) and Figure 20k (3,4-

dimethoxy) had a slightly lower chemical shift of ~55.0 ppm compared to the 

other methoxy groups (see top structures in Figure 21), due to the lack of the 

phenol functionality in these aromatic moieties. The aliphatic/benzylic C7-OMe 

(Figure 21 cluster 3) δC/δH (57.7-57.2/3.32-3.10 ppm) did not overlap with the 

other methoxy group correlation peaks and the 13C chemical shift was also 

largely unaffected by the substitution. The main differences in the 1H NMR 

chemical shifts of the C5-OMe groups was that the compounds with phenyl 

substituents (Figure 20e & f) had a lower chemical shift δH (3.38-3.44 ppm) 

compared to the other C5-OMe groups (see bottom structure in Figure 21). This 

could potentially be used for discriminating between aryl-aryl and other 6-

condensed bonds. Aryl-aryl bonds can be formed by radical coupling reactions 

between two lignin moieties at the C2, C5 and C6 positions. Giummarella et al.51,212 

showed free C1-H can form by retro aldol reactions in kraft lignin and 

consequently also form bonds between C6-C1 positions. The 13C chemical shifts of 

C1, C2, C3 and C5 were affected by approximately 5 ppm by the C6-substitution, 

however, the 13C chemical shifts of C6 varied greatly between the different 

substituents, methyl (Figure 20c) gives the lowest ppm value of 122.0 ppm, and 

the phenyl substituted (Figure 20f) the highest 134.4 ppm of the C6-C 

substituents. This broad spread of the 13C chemical shifts is consistent with 13C 

NMR spectrum of the BLN lignin and makes it difficult to quantify the C6-

substituition based on the 13C NMR peaks due to the general broadening of the 

peaks in the aromatic region. The benzylic alcohols (Figure 20j and k) from the 

condensation of the syringyl ring to an aldehyde was used as model for 

compounds that yield a benzylic carbon that is bonded to two aryl substituents. 

While these benzylic alcohols are unlikely in lignin motifs, other similar types of 

motifs such as that of the condensation of an aromatic ring and a benzyl 

carbocation/quinone methide could be formed during pulping processes. The 

chemical shifts of these types of benzylic C-H can vary quite drastically 

depending on the chemical environment as seen in other similar benzylic C-H 

motifs reported in literature, such as the condensation of an aromatic ring to a 

benzyl carbocation or the condensation reaction with formaldehyde (Figure 

22).49,213 Yasuda and Ota209 reported similar structures with C6-condensed 

syringyl moieties with similar chemical shifts of the benzylic C-H as seen in 

Figure 22, as there were no clear correlation peaks in BLN birch lignin sample at 

these chemical shifts the structures could not be detected. They cannot either 

explain the peak beneath the methoxy group detected by the 13C NMR DEPT 

experiments. The aliphatic (Figure 20c and d) and carboxylic substituents 
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(Figure 20i), or similar type of structures, could potentially be C6-substituents in 

the lignin as the correlation peaks of the aliphatic C-H could be overlapped with 

other aliphatic signals in the HSQC-spectrum and 31P NMR spectroscopy showed 

an increase in carboxylic groups. However, it is difficult to determine a reaction 

mechanism of the formation of these hypothetical structures.  

 

Figure 21. HSQC of the methoxy group correlation peaks. The top cluster (1) is 
from aromatic methoxy groups, the bottom cluster (2) is from C5-methoxy 
groups next to C6-substitution, the right cluster (3) is from benzylic methoxy 
groups, and the broad correlation peaks are from birch BLN lignin.   
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Figure 22. Structures and chemical shifts of benzylic C-H that is bonded to two 
aryl substituents.  

3.5. MTBE and i-PrOH fractions 
The MTBE-soluble fractions, approximately 15-20 wt% of the crude lignin 

(Scheme 7), was analyzed with HPSEC, 1H NMR, 31P NMR, 13C NMR and 2D NMR. 

Birch MTBE soluble fraction was also analyzed with short column GC and GC-MS. 

It was concluded that the MTBE soluble compounds had lower molar mass than 

the insoluble lignin fraction and the extraction could remove the majority of the 

monomeric to oligomeric compounds (Table 1). From the 31P NMR experiments 

(Table 3) it could be seen that the fraction contained considerably less aliphatic 

hydroxyl group and had been enriched with carboxylic groups in all three lignin 

samples. From the 1H NMR, 13C NMR and 2D NMR experiments a large amount of 

aliphatic and aromatic signal could be detected, most of these likely arise from 

lignin degradation products and extractives. Broad aromatic and methoxy group 

signals were also detected and can be from low molar mass lignin fragments. No 

correlation peaks from traditional lignin linkages could be detected in the 

samples except the correlation peaks from the β-β linkage. This indicates that the 

fragments are mainly bonded by condensed C-C bonds. This assumption is 

supported by the detection of the characteristic peak at δC 60 ppm in the birch 

sample. The short column GC analysis of the birch sample detected small 

amounts of 4-hydroxybutanoic acid and furfuryl alcohol, which could be 

carbohydrate degradation products, also lignin degradation products syringyl 

aldehyde and syringaresinol, and fatty acids were identified (Figure 23). The 

majority of the ~95 wt% of the sample was unidentified, broad baseline signals 

were detected and these could originate from heterogeneous lignin di- and 
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trimers. The GC-MS analysis showed similar results (carbohydrate and lignin 

degradation products, and fatty acids) and helped identifying more of the 

compounds than the short column GC.  

 

Figure 23. Short column GC of MTBE-soluble birch lignin fraction. 

The BLN softwood lignins were fractionated with i-PrOH in an attempt to 

produce a more homogeneous fraction by simple solvent fractionation. By 

stirring the BLN lignin in i-PrOH and decanting of the solvent a i-PrOH insoluble 

(~70 wt%) and a i-PrOH soluble (~30 wt%) fraction could be collected. The Mw 

cut off was at approximately 1500 gmol-1 based on HPSEC, yielding a high molar 

mass i-PrOH insoluble fraction and a lower molar mass i-PrOH soluble fraction, 

both fractions with narrow Đ values (Table 1). Structurally i-PrOH soluble 

fraction contained slightly lower amounts of aliphatic hydroxyl groups and 

carboxylic acids, and slightly higher amount of free phenolic groups than i-PrOH 

insoluble fraction based on 31P NMR spectroscopy (Table 3). 

3.6. 31P NMR method development 
The quantitative determination of hydroxyl groups in lignin by 31P NMR 

spectroscopy was heavily used during the analysis of lignin from the CH-Bioforce 

process. During this time, a pulse length-based concentration determination 

(PULCON) methodology was investigated whether it could be applied for the 31P 
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NMR spectroscopic method. PULCON is an established quantification method in 

biosciences and has been used to measure concentrations of biomolecules (e.g. 

proteins) and pharmaceuticals in complex mixtures.214,215 The concentration 

determination by PULCON is based on the fact that the signal strength obtained 

with an NMR probe is inversely proportional to the 90° pulse length for the 

probe. By keeping experimental parameters identical between an unknown 

sample and an external reference sample the concentration of the unknown 

sample can be calculated according to: 

𝑐𝑢 = 𝑐𝑟
𝑆𝑢𝜃𝑢

90

𝑆𝑟𝜃𝑟
90  

Where c stands for concentration, S for signal intensity and θ90 is the length of 

the 90° pulse. The subscripts u and r denote the sample of unknown 

concentration and reference sample (external standard), respectively. As such 

PULCON is capable of correlating signal intensities of two different spectra and 

does not need an internal standard. In practice this means that external standard 

can be used for the quantification of hydroxyl groups. This simplifies the sample 

preparation and eliminates problems associated with the use of an IS, such as 

overlapping signals, stability of the IS, and potential data processing errors 

regarding the IS signal. It was also investigated if the procedure could be 

simplified by using automated functions in the NMR software for optimization of 

the 90° pulse.  The drawback of using PULCON methodology is slightly longer 

experimental times due to the need of calibrating the 90 °pulse and re-measuring 

the external standard at regular intervals. 

First, the experimental parameters were determined and their effect on 

quantification was investigated. Here the signal intensity dependency on the 

receiver gain was investigated, the T1 relaxation of the small-molecular samples 

were measured with and without relaxing agent so that a sufficiently long recycle 

delay could be determined and the phosphitylation reaction was investigated to 

ensure a complete derivatization of the lignin samples. For the concentration 

determination four, different methods were compared:  

(1) The traditional method by calculating the concentration from the e-HNDI IS.  

(2) The PULCON method when the 90° pulse was manually calibrated and the 

phosphitylated e-HNDI was used as an external standard.  

(3) The PULCON method when the program pulsecal for automatic 90° pulse 

calibration was used with phosphitylated e-HNDI as an external standard.  
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(4) The PULCON method when the 90° pulse was manually calibrated and 0.0485 

M triphenyl phosphate (TPP) in acetone-d6 was used as external standard. TPP 

is Bruker’s 31P standard and comes in a sealed sample that should be available 

for users of Bruker instruments, as such it is a good and stable external standard 

that is readily available.  

The first comparison was done on six samples containing varying amount (1.0, 

2.0, 5.0, 10.0, 15.0 and 20.0 mg) of vanillyl alcohol (VA). The known 

concentrations were then calculated with the four different concentration 

determination methods. All four methods had similar results, within <5% of the 

measured amount. The first method (1) gave slightly higher than the measured 

results for the samples with higher concentration of VA. This could be due to 

many factors that can influence the integration value of the IS peak, such as 

errors in measurement, the baseline, phase correction, integration range and 

S/N. However, the concentrations of these samples were considerably higher 

than what is used for lignin samples. A second comparison experiment was then 

conducted to calculate the amount of hydroxyl groups in VA (10.0 mg), BLN pine 

lignin (10, 20, 30 mg) and BLN birch lignin (20 mg) using concentration 

determination methods (1), (2), and (4) (Table 6). The results determined by 

PULCON were within the degree of accuracy of which was determined by the 

internal standard. The automated PULCON method was then verified by 

analyzing triplicate samples of both pine and birch lignin using TPP as external 

standard to ensure the reproducibility of the method. This makes the PULCON 

method a viable alternative for the hydroxyl group determination of lignin 

samples. 

Table 6. Comparison of the amount of hydroxyl groups (in mmol/g) calculated 
from e-HNDI IS, PULCON with phosphitylated e-HNDI as external standard and 
PULCON with triphenyl phosphate (TPP) as external standard.  

Method1 Substrate Aliphatic2 5-sub3 G-units4 COOH5 

1 VA (10.0 mg)6 6.5 - 6.7 - 

2 VA (10.0 mg)6 6.4 - 6.5 - 

4 VA (10.0 mg)6 6.2 - 6.4 - 

1 Pine lignin (10 mg) 1.6 1.4 1.4 0.4 

2 Pine lignin (10 mg) 1.5 1.3 1.3 0.4 
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4 Pine lignin (10 mg) 1.4 1.3 1.3 0.4 

1 Pine lignin (20 mg) 1.8 1.7 1.6 0.5 

2 Pine lignin (20 mg) 1.7 1.6 1.5 0.4 

4 Pine lignin (20 mg) 1.6 1.5 1.5 0.4 

1 Pine lignin (30 mg) 1.8 1.7 1.7 0.4 

2 Pine lignin (30 mg) 1.6 1.6 1.5 0.4 

4 Pine lignin (30 mg) 1.6 1.5 1.5 0.4 

1 Birch lignin (20 mg) 1.1 2.5 0.6 0.4 

2 Birch lignin (20 mg) 1.0 2.2 0.5 0.4 

4 Birch lignin (20 mg) 0.9 2.2 0.5 0.4 

1 Manually calibrated 90° pulse, 2 (150.0-145.0 ppm), 3 (145.0-140.3 ppm), 4 

(140.3-137.0 ppm), 5 (136.0-134.0 ppm), 6 theoretical value 6.5 mmol/g for 

each hydroxyl group.  

 

4. Conclusions and prospects 

4.1. Conclusions  
The majority of the low molar mass compounds “impurities” could be removed 

from the precipitated lignin by MTBE-fractionation. The MTBE soluble fraction 

contained extractives, carbohydrate- and lignin degradation products, as well as 

heterogenous lignin fragments (Mn < 1000 Da). Small amounts of fatty acids and 

carbohydrates could still be detected in the isolated MTBE insoluble lignin 

fraction. The lignin was structurally altered compared to MWL from the same 

wood chips. The traditionally occurring alkyl-aryl ether linkages were reduced 

based on 13C NMR and HSQC experiments. Results from the quantitative 

determination of hydroxyl groups by 31P NMR spectroscopy showed a decrease 

in aliphatic hydroxyl groups and an increase in phenolic hydroxyl groups and 

carboxylic groups, elemental analysis showed an enrichment of carbon and 

decrease in oxygen. Several structural features were detected by NMR 

spectroscopy that were formed during the process such as aryl glycerol end 

group, enol ether and stilbene linkages, and evidence of condensation at both 5- 
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and 6-position on the aromatic ring. Due to all of these structural features it can 

be concluded that the lignin can be considered a technical lignin, similar to that 

of kraft lignin but without incorporated sulfur and with some different structural 

features. A tentative structure of BLN softwood lignin can be seen in Figure 24, 

with most of the detected structural features present. A previously unassigned 

HSQC correlation peak was identified as a so-called condensed structure in birch 

lignin. It was concluded that the correlation peak originated from a methoxy 

group that was vicinal to a condensed position in the aromatic ring. This type of 

structure has a methoxy group with two vicinal neighboring groups and causes 

its 13C NMR chemical shift to increase from ~56 to ~60 ppm.  This was deduced 

by comparing the chemical shift to molecules with the same structural motif 

from literature but also by synthesizing model compounds with the motif; 

analyzing the correlation peak and its 13C NMR peak with DEPT experiments; 

comparing the quantitative amounts of methoxy groups based on different 

methods; chemically modifying lignin and comparing the chemical shifts to 

unmodified lignin. The lignin was also analyzed with TGA and it was concluded 

that the thermal decomposition temperature started at ~300 °C and the char 

residue at 600°C was ~50 wt%. Methylation of the phenolic hydroxyl groups 

increased the Tdst 95% by ~5% and acetylation decreased the Tdst 95% by ~15-30%. 

In this thesis we also showed that a PULCON methodology could be applied to 

the quantitative hydroxyl group determination in lignin by 31P NMR 

spectroscopy. The method allows for the use of an external standard and 

therefore removes the problems associated with the use of an IS. 

 

Figure 24. A tentative structure of BLN softwood lignin. 
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4.2. Prospects 
The knowledge of lignin chemistry and analysis obtained during this thesis has 

already been applied to different projects. In supporting publication V Dr. A. 

Sokolov studied the non-thermal gas-phase pulsed corona discharge for lignin 

modification. Here we supplied the BLN lignin and then received the reactions 

mixture after the modifications.  We then developed a lignin isolation protocol 

and analyzed the modified lignin. In supporting publication VII PhD student L. 

Wang studied the BLN lignin as a thermosetting lignin containing phenol-

formaldehyde wood adhesive. Here she used, and further developed, the i-PrOH 

fractionation methodology by sequentially precipitated lignin fractions with 

different alcohols (i-PrOH, EtOH and MeOH), to obtain several homogenous 

fractions with increasing molar masses. These fractions could then be used to 

study the structure-performance correlation when using lignin in wood adhesive 

formulations. In this publication we assisted with analysis and took part in the 

discussions during the projects course. In supporting publication X Dr. X. Lu 

studied the reductive catalytic depolymerization of the BLN birch lignin and in 

this project, we were also actively taking part in analysis and discussions. In 

supporting publication IV & IX we assisted with analysis of lignin and other 

natural products, and in supporting publication VIII we assisted in discussions 

and planning synthetic methods of the lignan α-conidendrin. 

The collaboration with the company CH-Bioforce Oy, as well as other companies, 

has continued in different industrial projects where we have performed analysis 

and various chemical modifications to modify the properties of lignin for 

different applications. 

The PULCON methodology for the quantification of hydroxyl groups in lignin 

with 31P NMR could find its use in routine measurements. The established 

method uses an internal standard for the quantification and there can be some 

reluctance to changing standard operational procedures, however, there are 

examples when PULCON could be applied e.g. for companies that need to prepare 

their samples in their facilities and then analyze the samples elsewhere or in 

laboratories that seldom use the analysis method and as such reduces the need 

of preparing an IS-standard solution, as these need to be redone at regular time 

intervals. 

The identification of the condensed structure by NMR spectroscopy can be used 

for characterization of technical hardwood lignin. A wide variety of structural 

features in both native and technical lignin can already be identified and 

quantified in routine spectroscopic measurements. As such, it is important to 
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identify new structural features to be added to the already large library of lignin 

moieties to be able to describe different types of lignin. Technical lignin is 

especially difficult to characterize as many of the well-known alkyl aryl ether 

linkages are degraded and many of the proposed formed structures contain 

tertiary carbons. These structures cannot be detected by HSQC and are usually 

buried beneath the high abundance of aromatic peaks in 13C NMR spectroscopy. 

Much of the current research on the structure of technical lignin has been 

performed on softwood lignin but now with the increased use of different types 

of lignocellulosic biomass, such as the hardwood Eucalyptus grandis, increases 

the importance of understanding syringyl containing technical lignins.        
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